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ABSTRACT
Tectonic quiescence and lack of orogenesis have lead to very nutrient impoverished
soils in Southwest of Western Australia (SWWA). The most limiting macronutrient of
which is phosphorus (P) both in the form that is easily accessible to plants and
occluded phosphorus. To overcome this many plants have developed unique
adaptations such as forming cluster-roots that increase surface area as well as exude
carboxylates that help liberate the occluded P from the soils.
Over millions of years SWWA flora have adapted to such low soil P levels. However,
the introduced oomycete pathogen, P. cinnamomi, has been wreaking havoc on the
native vegetation of SWWA and most (wetter areas) of Australia. The only viable
option of mitigating the effects of this contagious pathogen is through the application
of a phosphorus-based fungicide called phosphite.
Phosphite, as applied, is neutralised phosphorus acid H3PO3, which is oxidised to PO43-
by soil microorganisms. Phosphate is a soil fertiliser and a very important nutrient for
growth and development of plants and animals. This fungicide is either aerially
sprayed or applied as trunk-injections on P. cinnamomi infested plant communities to
help reduce its impact. For the most part it has proven to be quite successful in
suppressing the pathogen’s effects on many plant species. However, there are tradeoffs
in the form of phytotoxicity by sensitive species as well as potential for fertilisation,
weed invasion, changes to plant communities as well as changes to the soil P pool.
In this study the effects of long-term P application as phosphite was studied in a
Banksia woodland. The study site has been divided into four monitoring sites by DEC
(Albany) since the mid 1990s: (i) unsprayed and P. cinnamomi-free plots; (ii)
unsprayed and P. cinnamomi infested plots; (iii) phosphite sprayed and P. cinnamomi
infested plots; (iv) phosphite sprayed and P. cinnamomi-free plots. The present study
Vfound that long-term phosphite application (from 1996-2010) in the study site of Gull
Rock National Park region, south-western Australia (Albany), has increased soil P
levels. Both plant-available and total P levels were significantly elevated (p=0.014).
The total P levels in the target species Adenanthos cuneatus, Banksia attenuata,
Banksia coccinea and Jacksonia spinosa mature leaves (p=0.013, p=0.013, p=0.042
and p=0.157, respectively) and senesced leaves (p=0.001, p=0.005, p=0.044,
respectively (A. cuneatus did not have senesced leaves)) were also significantly higher
from the unsprayed and disease-free plots except in the case of mature J. spinosa
leaves.. Although the soil P levels are well below critical levels, the total P levels in B.
attenuata and B. coccinea leaves were significantly above phytotoxic levels. This is
most probably due to long-term phosphite application and its subsequent accumulation.
The study site revealed that phosphite sprayed and P. cinnamomi-free plots have
formed a unique assemblage of plants but the species overlap with the unsprayed and P.
cinnamomi-free “control” plots. However, the unsprayed and P. cinnamomi infested
plots showed the most unique plant community due to the high destructive capacity of
the pathogen that has lead to only resistant species surviving. Similarly, Shannon-
diversity index and Evenness index revealed that the synergistic effect of the pathogen
and the fungicide have formed the most species diverse community in the phosphite
sprayed and P. cinnamomi infested plots that is also very even when compared to the
other three treatment plots.
Canopy closure analysis was used as a primary-productivity indicator to estimate
biomass production based on the canopy cover. The phosphite sprayed and P.
cinnamomi-free plots showed a highly significantly (p<0.001) greater canopy closure
when compared to the control treatment, unsprayed and P. cinnamomi-free plots.
However, dry weight of biomass from 1m2 harvests of five plots within these two sites
did not show a significant difference in biomass. Interestingly, B. attenuata had
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significantly (p<0.001) high photosynthesis rate in the former plots when compared to
the control treatment but B. coccinea had no significant (p=0.786) difference.
A glasshouse experiment was also performed using white lupins (Lupinus albus) to
understand the pattern of phytotoxicity caused by massive influx of P in the form of
phosphate through the application of phosphite. Seven treatments: control (untreated),
120 kg/ha, 240 kg/ha, 480 kg/ha, 720 kg/ha and 1440 kg/ha each with nine replicates
were sprayed with the indicated concentrations of phosphite and incubated for five
weeks in the glasshouse to allow bio-oxidation of phosphite into phosphate by soil
microbes. The treatments are approximate to the numbers of years of annual phosphite
application, i.e., 120 kg/ha = 5 years of 24 kg/ha annual phosphite application.
This study revealed that soil total- and plant-available P levels were in direct
relationship with phosphite application rates. Plant shoot growth and biomass
production were severely impeded even at the lowest treatment level of 120 kg/ha. The
plants had stunted growth, low leaf-, stem-, and root-mass. The plants also had very
low germination rates beginning from 240 kg/ha treatments. In contrast, 120 kg/ha had
the shortest germination time but similar phytotoxicity symptoms to other treatments.
Of interest was the presence of cluster-root primordia rootlets even at the highest
phosphite treatment. These were explained due to the ‘P-depletion zone’ phenomenon
as the majority of the cluster roots were induced in the control treatment.
The Mediterranean climate of SWWA makes it prone to wildfires and the plants in the
region have coping mechanisms to withstand and proliferate post-fire. However, this
study was designed around the idea of ‘what would happen to phosphite that is
accumulating in the plants after being aerially sprayed?’. The natural process of
senescence has been attributed to the high P levels in soil in the field. However, since
most of the fungicide is still in planta only small amounts of that phosphite ends up in
the soil and is converted to phosphate. This was also the reason for the apparent high
VII
biomass levels observed in phosphite sprayed plots. The glasshouse trail acted as a
surrogate to wildfires and simulated the impact of wildfires on the phosphite
accumulating in planta. Given that phosphite oxidises to phosphate the toxic levels of
phosphate influx after only the equivalent of five years of phosphite application caused
widespread phytotoxicity symptoms such as root and shoot necrosis; leading to plant
death in the white lupin trial.
It is clear that phosphite application has benefits in the form of reducing the impact of
P. cinnamomi. Long-term application of this fungicide also has the potential to
transform it into a fertiliser as well as cause widespread changes to the ecosystem
structure if a wildfire, intense enough to burn all the vegetation to ash, occurs.
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1CHAPTER 1 - GENERAL INTRODUCTION AND LITERATURE REVIEW
1.1 INTRODUCTION
Australia, in general, has long been isolated from active tectonic activities such as
mountain-building or orogenesis (Young and Young, 2001). This lack of orogenesis
and tectonic quiescence with a combination of fluvial and aeolian and other agents of
weathering have generally made soils of Australia, especially Southwest of Western
Australia, very old and extremely weathered when compared to the other continents
(Young and Young, 2001). This geological stability is provided as the prime factor in
many soils, especially Western Australian (WA) soils, being deficient in many
essential plant nutrients (Butt, 1981).
To compensate for nutrient deficient soils native plant species have developed
adaptations to ‘mine’ for nutrients, particularly phosphate, from such soils.
Mycorrhizal associations and formation of cluster roots are such adaptations that have
allowed for the survival of flora in otherwise very nutrient poor soils (Vitousek and
Farrington, 1997; Richardson et al., 2004; Standish et al., 2007). Phosphorus is
possibly the most important of those nutrients both for flora and fauna growth and
development; forming the basis of DNA to the proteins and enzymes, thus sustaining
life on earth (Yang et al., 2004; Shane et al., 2004). It is mainly absorbed by plants in
the form of phosphate (H2PO4- and HPO42- depending on the pH) in the soil and is the
most limiting of all the nutrients available, especially in older soils like WA (Grennan,
2008; Lambers et al., 2010).
Since the late 1980s the chemical phosphite (Phi), a neutralised phosphorus acid H3PO3
(a reduced form of phosphorus), has been sprayed to susceptible plant communities in
WA to reduce the impact of Phytophthora cinnamomi, an introduced soil-borne plant
pathogen. Phosphite also known as phosphonate has a particularly specific fungicidal
action on the oomycetes to which P. cinnamomi belongs (Howard et al., 2000). The
2pathogen has been decimating rare and endangered flora in WA (and the rest of
Australia) and Phi has been shown to mitigate the lethal effects of the pathogen
(Howard et al., 2000; Wilkinson et al., 2001; Lucas et al., 2002).
However, there are concerns that Phi application, as a fungicide, may have unforeseen
consequences to these native plant communities that are adapted to low P
environments. This chapter will review the use of phosphite as a management tool for
Phytophthora control and how it may influence the P dynamics within these native
ecosystems, with an emphasis on the Proteaceae which are both known to be well
adapted to P deficient soils (Shane and Lambers, 2005) and highly susceptible to P.
cinnamomi (Shearer et al., 2009).
1.2 SOUTHWEST OF WESTERN AUSTRALIA – A BROAD OVERVIEW OF
THE LANDSCAPE AND EDAPHIC PROPERTIES
Southwest of Western Australia (SWWA) covers a total area of 2.5 x 106 km2 between
28°S on the west coast to 125°E on the south coast (Figure 1.1) (Churchward, 1986).
Southwest of Western Australia has a Mediterranean type climate with hot dry
summers compensated by winter rains supporting the annual crops and native flora in
the region. The SWWA receives on average, up to 1400 mm of annual rainfall
supporting a 10-month growing season compared to 300 mm precipitation and a five-
month growing season in the Northwest WA (Figure 1.2) (Churchward et al., 1988;
BoM, 2012).
Plateaus are a dominating landscape feature of the region covered by deep weathered
mantles, often withholding salts (Churchward, 1986). The endemic flora communities
of the region have formed a delicate balance of transpiration and salt mobility within
the soils (Clarke et al., 2000). The majority of the mantles contain infertile soils
whereas the pattern of soil distribution is a consequence of erosional modification in
SWWA (Churchward, 1986). Many of the rocks in the region are between 1.1-3 billion
3years old (Clarke et al., 2000). And over these billions of years, lack of orogenesis and
tectonic quiescence has lead to intense weathering of these rocks (Butt, 1981; Young
and Young, 2001).
Figure 1.1 – Southwest of Western Australia (SWWA) – Major geomorphic features (source from
Churchward, 1986).
Figure 1.2 – Annual rainfall in the Southwest of Western Australia (SWWA) (sourced from
Hopper and Giaoi, 2004).
41.2.1 Soil mineral composition, soil profiles and soil fertility
The fertility levels of young soils are entirely dependent on the mineral composition of
the parent materials (Treoh and Thompson, 1993). Younger, more fertile soils
generally contain high levels of mafic and felsic minerals. Long and excessive
weathering periods leads to their leaching (Treoh and Thompson, 1993). As a
consequence, older and highly weathered soils tend to be poorer in nutrients. Granites
and gneisses, which make up the bulk of the parent rock material in (SWWA), are
generally poor in mafic and felsic minerals making the soils nutrient poor from the
beginning (Clarke et al., 2000). This has had a profound impact on the type of
vegetation that grows on such soils. It is not uncommon for vegetation to develop
special adaptations to survive in low nutrient status soils as is the case in SWWA
(Treoh and Thompson, 1993; Lambers et al., 2010).
Over the very long period that WA soils have formed, lateritization and fluctuating
precipitation along with general onset of aridity have had a much more severe effect on
the form of soil profiles than is seen in younger landscapes where soil horizons are
often poorly developed. Not surprisingly, WA has a much larger proportion of very
sandy and duplex soils (Robertson, 2001). Generally, soils towards the coastal regions
are more acidic and towards the interior, where aridity is more prevalent, alkaline soils
flourish (Figure 1.3) (Anand and Paine, 2002). A list of characteristics unique to
SWWA’s infertile soils puts things into perspective along (Table 1.1).
5Figure 1.3 – Acid, alkaline and neutral duplex soils of Southwest of Western Australia (SWWA)
(sourced from Anand and Paine, 2002).
6Table 1.1 - Six characteristics of Southwest Western Australia (SWWA) soils that make them
infertile (sourced from Robertson, 2001).
1.2.2 Environmental phosphorus cycling – where from, where to and how?
So far the attention has been focussed on the nutrient poor soils of SWWA because of
the lack of mafic rock minerals with which many nutrients are associated (Anand and
Paine, 2002). The intense and prolonged weathering has either leached nutrients from
these deficient soils or “fixed” them; none more important than phosphorus.
Phosphorus is an extremely important nutrient that forms a link between food webs in
ecosystems. Phosphorus availability is imperative to primary productivity in an
ecosystem and its lack thereof is the reason why special adaptations evolved in
endemic SWWA flora (Liu et al., 2008).
7The earth’s crust harbours 0.10%-0.12% by mass P mostly as inorganic phosphate
minerals or organic compounds containing P (Liu et al., 2008). Apatites are the major
group containing inorganic phosphate minerals (Table 1.2). These have resulted from
magma and/or the slow process of precipitation from solutions containing ions forming
inorganic phosphate minerals called phosphorites (Liu et al., 2008).
Table 1.2 – The inorganic phosphate minerals in nature (after Mackey and Payton, 2009).
Terrestrial phosphorus cycling in an ecosystem primarily consists of inorganic-P from
weathered phosphate minerals, as well as organic-P from decomposition, fecal
excretion and cellular lysis (Figure 1.4) (Mackey and Payton, 2009).
Figure 1.4 – The phosphorus cycle (sourced from Mackey and Payton, 2009).
8However, Figure 1.4 does not take a number of factors into account that may be unique
to SWWA. In any given ecosystem less than 5% of P is available to plants in the form
of phosphate (Waisel et al., 1996). The remaining P is unavailable to plants as they
may be chemically bound and physically occluded by soil particles. The following list
shows factors that may influence in P budgeting in SWWA ecosystems as identified by
Raupach et al. (2001):
 fertilisation – phosphorus input from fertilisers or phosphite spraying.
 leaching – loss of bioavailable-P from leaching in deep drainage (many of the soils
in SWWA have a coarse-texture which promotes leaching).
 occlusion of phosphorus sink - phosphorus is returned to soil via a secondary P
store.
 offtakes: net removal of P from soils due to anthropogenic activities (clearing
vegetation for farming, agricultural harvest and plantations).
 P-fixing soils; adsorption and ligand exchange.
Continental sinks and sources of P along with C, N and net primary productivity (NPP)
at different scenarios was studied by Raupach et al (2001) (Table 1.3). Only 1-2% of
the total bioavailable-P is present in the mineral form. The rest of it is tied up in
biomass and/or is unavailable to plants (occluded) through litter and organic matter
(Raupach et al., 2001). This can potentially have a profound impact on ecosystems
which are artificially fertilised, either directly with agricultural practices of fertiliser
inputs or through spraying of phosphite, a phosphonate used to control root-rot disease
caused by Phytophthora cinnamomi (Shearer et al., 2009).
9Table 1.3 – Aggregates of the net primary productivity (NPP), C, N and P sinks in continental
Australia (All in Gt/year). The reference values apply to agricultural and climatic data (1980-
1999). The other columns represent different scenarios due to climate change (sourced from
Raupach et al, 2000).
Evolutionary adaptations, on the other hand, have caused schlerophyllous vegetation
associated with kwongan ecosystems in SWWA to grow slowly and live longer,
thereby further locking P in biomass (Howard et al., 2000; Shane and Lambers, 2005).
Agricultural fertilisers are applied to crops for human and animal consumption. In
contrast, phosphite is applied to the foliage of native vegetation and consequently
raises the question “whether phosphite application to native vegetation will eventually
create a larger flux of total P in these ecosystems once the phosphite in the plants
becomes a component of the surface leaf-litter and soil?”
1.2.3 Soil geochemistry
To better understand soil phosphorus cycling it is imperative to understand soil
chemistry with respect to pH and compounds that can potentially “fix” P to the soil, or
in other words make it occluded (unavailable to plants). Phosphorus in soil is bound to
compounds in either the calcium (Ca) bound or in iron (Fe) and aluminium (Al) bound
compounds (Brady, 1974). Fluorapatite (Table 1.2) is the least soluble of the P
containing compounds and is ubiquitous; even in lateritised soils such as in Southwest
of Western Australia in the lower horizons (Brady, 1974; Butt, 1981; Churchward,
1986).
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In soils 15-70% of P is available in insoluble forms as described above, the remainder
is in the form of organic P (phytates [calcium or magnesium inositol hexaphosphate
salts], nucleic acids and phospholipids) which is the major source of P for soil
microbial community and ultimately plants (GSWA, 1990; Dolling et al.,1991; Clarke
et al, 2000; Moore, 2004).
1.2.4 Phosphorus availability in soils as affected by low pH
H2PO4- and HPO42- ions (products of mineralisation) are adsorbed by minute soil
particles diminishing their availability with time in a process known as phosphate-
fixation (Figure 1.5) (White, 1997) (refer to Mackey and Payton, 2009 for further
details on processes of mineralisation; labile and non-labile P in soils). However, the
most important deciding factor of phosphate (Pi) availability in soils is pH (Brady,
1974; Handreck, 1997).
Figure 1.5 – Phosphate fixation (sourced fromWhite, 1997).
In soil, the phosphorus available to plants is in solution. The form of ion present for
plant uptake depends on the soil pH. The following reaction displays the hierarchy of
ion availability based on soil pH (Brady, 1974) –
H2PO4- (acidic) H2O + HPO42- H20 + PO43- (alkaline)
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H2PO4- is largely present in the soil at pH of 6 which also corresponds to the highest
availability of P in the soil to be between pH of 5.5-7. Plants prefer H2PO4- as their P
source (White, 1997); however, its availability is generally low in SWWA for a few
reasons. Most soils in SWWA are acidic duplex soils that dominate the landscape.
Lighter and coarser textured soils, with low organic matter, are often found above
clayey or loamy lower horizons. This is problematic as these soils lack buffering
capacity which can impede SWWA soils on building viable nutrient pools (Brady,
1974; Dolling et al., 1991).
1.2.5 Interaction with Fe, Al and Mn ions
In acidic conditions (pH 4.5-7) Al ions and Fe ions quickly form strong ionic bonds
with H2PO4- thereby making them less available to plants. Matters are further
complicated because H2PO4- ion also reacts with hydrous oxide ions of Al and Fe such
as limonite and goethite; ubiquitous in older soils such as those of the SWWA (Brady,
1974; McLaren and Cameron, 1990) to form insoluble precipitates. The proportion of
P fixed in the soil is higher than soluble Fe, Al and Mn ions. Unfortunately, acid
conditions that form H2PO4- in soils also tend to make conditions favourable for their
fixation by ubiquitous and abundant Fe- and Al-hydrous oxides.
1.2.6 Interaction with soil colloids
Two clay properties that make them crucial to soils are the clay particle charge and
surface area (Singer and Munns, 1999). Clay particles are generally negatively charged
(some are positive) and consequently cations, organic matter and charged molecules
tend to get attracted to them to balance the charge. These substances are
electrostatically held together with enough intensity to allow them to exchange with
other charged compounds (Singer and Munns, 1999). Soil colloids like clay (silicate)
minerals such as kaolinite that predominate the SWWA landscape can also fix P in
moderately acidic conditions (Brady, 1974; Ashmann and Puri, 2002). The following
equation displays the reaction –
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[Al] (in silicate crystal)+ H2PO4- + H2O 2H+ + Al(OH)2H2PO4 (insoluble)
It has been proposed that the Al or Fe ions are removed from the edges of clay lattices
of kaolinite and form the insoluble hydroxides. Alternatively, they are adsorbed on the
“interlayer” – the interface between the two unit layers of clay particles (Figure 1.6) or
other surface areas of the clay mineral that have OH- exposed (Brady, 1974; Singer
and Munns, 1999).
Figure 1.6 – Difference between adsorption capability of kaolinite and monmorillonite (sourced
from Singer and Munns, 1999).
However, it has also been demonstrated that kaolinite is poor at retaining P compared
to Fe and Al oxides and hydroxides and some of the other clay minerals like
montmorillonite (Penn et al., 2005). This is because Fe oxides have a greater surface
area (14-177 m2 g -L) to adsorb more P compared to kaolinite (5-30 m2 g -L). The
second reason for this is the fact that kaolinite is electrostatically neutral and generally
has a very low cation exchange capacity (Singer and Munns, 1999). However, large
kaolinite deposits and soil lateritisation mean that phosphate may be perpetually fixed
even though kaolinite has low electrostatic charge (Penn et al., 2005).
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Similarly, humus a constituent of soil organic matter (SOM) is colloidal and
decomposes at a very slow rate. It forms ligand complexes providing nutrients
(especially phosphate) to plants and soil microbiota (Sparling et al., 1994; Harper et al.,
2010). However, many soils in WA, especially those under undisturbed native
vegetation, are very low in organic content in their top 10 cm surface. It has been
estimated that soil organic content is anywhere between 0.3-8.0% in many WA soils
with rain-fed soils generally being between 0.7-4% (Paterson and Hoyle, 2011)
1.2.7 Interaction with soil ion exchange capacity
Historically, SWWA soils have had very low anion exchange capacity (AEC) and
cation exchange capacity (CEC) (Table 1.1). However, it has also been shown that, in
general, soils in SWWA and WA are positively charged and do, in fact, have AEC
(Wong and Wittwer, 2009). This process is crucial for the exchange of minerals to and
from clay mineral surfaces for keeping nutrient pools viable in many fertile soils of the
worlds. The low AEC capacity of SWWA soils means that kaolinite may not be able to
hold on to phosphate ions for long.
The nutrient poor soils of the SWWA are generally acidic, especially in the outer
wetter coastal regions whereas the inner and arid areas are generally more alkaline.
Both of these soil characteristics impede P to be in the soil solution solute form so
plants may better utilise them (Sato and Comberford, 2005). Therefore, it is imperative
to understand the impact of P occlusion from plants in the soil and the type of
adaptations evolved in flora in the SWWA to compensate for it.
1.3 VEGETATION OF SOUTHWEST OF WESTERN AUSTRALIA –
CHALLENGES OF FLOURISHING IN A DESOLATE LANDSCAPE
Catastrophic disturbances are the characteristic of YODFELS (young, often disturbed
fertile landscapes) which are generally not delimited by nutrients save for nitrogen (N)
(Hopper, 2009). However, in old climatically buffered, infertile landscapes (OCBILS)
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such as SWWA, tectonic quiescence and general lack of orogenesis have lead to
ecological retrogression (Young and Young, 2001; Hopper, 2009). Characteristics of
such old landscapes generally include periods of intense weathering and leaching of
nutrients, particularly P, and a general accumulation of N in the soils through
symbiotic associations with microbes (Sander and Wardell-Johnson, 2011).
During periods of retrogressions plant communities in OCBILS tend to have lower net
biomass but have a higher vascular plant speciation (Huston, 2004). Furthermore,
nutrient-limited and non-disturbed ecosystems have been found to be generally more
species diverse according to the dynamic equilibrium model (Huston, 2004). Plant
species that have managed to establish themselves and flourish in nutrient poor
ecosystems have unique physico-biochemical adaptations that have ensured their
survival. These traits have, in turn, been modifying the edaphic properties of their
ecosystems (Sander and Wardell-Johnson, 2011). However, the highly varied soil
mosaics and microclimatic factors associated with the myriad ecosystem types present
in SWWA (and WA) means that vascular plant speciation is very site specific, but
common, nonetheless (Richardson et al., 2004).
Climatic buffering since the early Cretaceous period (145 million years ago) has lead
to no sea-level rises and glaciations. Lack of volcanism has also contributed to the lack
of a viable nutrient pool (Miller et al., 2005). These many factors have worked in
favour for the region and have resulted in a massive radiation of flora in the SWWA
that is phylogenetically unique to the region and can successfully utilise occluded P
from the soils (McAlpine et al., 2009; Sander and Wardell-Johnson, 2011).
Consequently, this unique region has been termed the SWAFR – South-West
Australian Flora Region, and is one of the 35 global biodiversity hotspots (Mittermeier
et al., 2011).
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The SWAFR has at least 1500 vascular plant species that are endemic and more than
70% of the landscape has been cleared. In the case of SWWA, more than 9000
vascular plant taxa have been identified and are endemic. Sadly, up to 72% (DEC,
2006) of the landscape has been cleared and an estimated 12 football fields worth of
native bushland is being cleared daily for anthropogenic activities such as farming,
urban sprawl, etc. (McAlpine et al., 2009). Since the Oligocene/Miocene the SWAFR
has been gradually becoming more arid and dominated by sclerophyllous trees, shrubs
and herbs in the form of eucalypt forests, woodlands, mallee or kwongan heathlands
(Figure 1.7), (Hopper and Gioia, 2004).
Figure 1.7 – Vegetation Mosaic of Southwest of Western Australia (after Hopper and Gioia, 2004).
With such low rainfall (compared to other continents), lack of orogenesis and nutrient
poor soils how has such high endemic floristic diversity radiated? Some hypotheses
and theories suggest that the coastal and inland kwongan heathlands of the Transitional
Rainfall Zone (receiving 300-800 mm annual rainfall) that encompasses the
Transitional Rainfall Province (TRP) and the South-east Coastal Province (SCP) has
the highest floristic diversity (Hopper and Gioia, 2004).
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Interestingly, the higher rainfall forests such as those in the High Rainfall Province
(receiving 800-1500 mm annual rainfall) are generally species poor in comparison to
the arid zone communities (<300 mm annual rainfall) (Hopper and Gioia, 2004).
Contrary to the general trends elsewhere in the world newly evolved sclerophyllous
species have been found to be more common in the TRP/SCP than in the HRP (Hopper
and Gioia, 2004) (Figure 1.8).
Figure 1.8 –Species Endemism in the Transitional Rainfall Province (TRP)-South-east Coastal
Province (SCP)-High Rainfall Province (HRP) (sourced from Hopper and Gioia, 2004).
One of the reasons behind such high species diversity and endemism is that the
topography, soils and climate are more variable in the TRP and the SCP when
compared to the HRP and the arid zone (Refer to Figures 1.2, 1.3 and 1.8 for
comparisons) (McLoughlin & McNamara 2001; Hopper and Gioia, 2004). The
schlerophyllous taxa commonly seen now has been proposed to have evolved from
divergent evolutionary forces acting upon isolated pockets of vegetation due to the
variability of geomorphological traits in the TRP/SCP compared to HRP and arid zone
communities (Beard, 1990; Hopper and Gioia, 2004).
Also, the genomic coalescence theory suggests that such widespread speciation can be
attributed to the innate drive for maintaining heterozygosity in the wake of digressing
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from inbreeding depression so common in small isolated populations (James, 2000).
Hopper et al (1996) also suggested that natural selection has brought about adaptations,
such as proteoid root systems, for example, that promote local persistence than
dispersal and widespread colonisation. Consequently, the TRP/ SCP were more
conducive for semiarid speciation and HRP provided a more stable and persistent
environment for species (Hopper and Gioia, 2004).
1.3.1 The Proteaceae family
Around the onset of Oligocene period (45-25 mya) Proteaceous (schlerophyllous)
species started to emerge and form a new niche in the rapidly drying and fire-prone
environment (Hopper and Gioia, 2004; Huston, 2004). It is also around this time that
silcretes, laterites and calcretes began developing implying a strong variation in rainfall
every season and consequently, greater fire frequencies (Figure 1.9) (Butt, 1981;
Hopper and Gioia, 2004).
Figure 1.9 – Global laterite formation and radiation of the Proteaceae family (after Sawkins et al.,
2011).
The explosion of Proteaceous species; especially of the genus Banksia of which sixty
of the 75 species (not including the Drynadra species) are endemic to SWAFR alone
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(Richardson et al., 1995). All Banksia species survive fire – either by resprouting or by
seeds germinating in cooler wet months – an adaptation to fire and arid ecosystems.
Richardson et al. (1995), also showed that the distribution of Banksia species is
strongly associated with edaphic specialisation and their coexistence strongly relates to
differing spatial and temporal recruitment periods. All these characteristics point to
complex relationships with climate, topography, geology and natural selection are at
play.
1.4 PHOSPHORUS STARVATION RESPONSES IN THE PROTEACEAE
1.4.1 Cluster roots – a morphological response to phosphorus starvation
As previously stated, edaphic specialisation is not confined to the Banksia species
alone but is trait common in the Proteaceae family. This edaphic specialisation can be
explained by the ‘Phytotarium Concept’ (Sawkins et al., 2011). This concept proposes
the formation of soil types as a function of bioengineering by plants and soil microflora.
It has been proposed that over the last 25 million years Proteaceae family species have
remobilised the iron and aluminium in topsoil to form laterites – a soil profile upon
which Proteaceae are most common, followed by leached sands and sandstones (Vance
et al., 2003; Lambers et al., 2010).
Edaphic specialisation has been primarily possible through the prevalence of proteoid
roots in the Proteaceous plants. Evolutionary adaptations have benefited Proteaceous
(and members of seven other families) plants in that in the absence of P (in the form of
Pi – inorganic orthophosphate) in the soils, these plants undergo P-starvation which
induces production of proteoid roots. These are dense, determinate rootlets arising
from a localised region of the parent root axis (Shu et al., 2007).
Proteoid roots are induced in low P and Fe in soils; low internal P status of the plant;
nutrient rich patches within the soil profile and upper soil horizons (with relatively
more organic matter and indicating external factors affect induction) (Nuemann and
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Martinoia, 2002). Auxins and cytokinins, plant developmental hormones responsible
for shoot and root growth (Nordström et al, 2004), have also been associated with
cluster root formation. Synthetic auxin has been found to promote cluster roots, whilst
cytokinin works as an inhibitor to cluster root induction in the model plant Lupinus
albus from which most of the cluster root formation studies have been derived (Gilbert
et al., 2000).
The short lifespan of these proteoid roots (so termed as they were first discovered in
Proteaceae species) or cluster roots (as they are commonly referred to) means that they
are very active when they are produced and may account for up to 60% of the total
plant dry mass (Shane et al., 2004). The rootlets, along a cluster root, emerge in
continuous rows and are dominated by dense root hairs (Figure 1.10). This increases
the total surface area up to 100-fold compared to normal roots for the uptake of
important nutrients which is of incredible importance in P poor soils of the South-
western Australia. Another major role of cluster roots are that they exude organic
chelators (organic acids such citrate, malate, phenolics), ectoenzymes (acid
phosphatases), mucilages and water (Sousa et al, 2007). All these exudates help
liberate and transport fixed Pi (Figure 1.11).
Figure 1.10 – Different stages of cluster root development for Hakea prostrata. The numbers
indicate the time (in days) it takes for cluster root development. The white bar on the far left is
1.75cm (after Shane et al., 2004).
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Cluster roots are one of the reasons for the lack of ectomycorrhizal associations in
these species as these take longer to establish compared to the rapid development of
cluster roots independent of need for symbionts (Neumann and Martinoia, 2002). For
example, Banksia species are known to form dense cluster root mats below the litter
layer to take advantage of the relatively P-rich A horizon in the soil profile. This
usually occurs shortly after the winter rains to promote uptake of P from the soil and
storage in the leaves/trunks for summertime shoot formations when the mats dry out
due to drying soil profile (Vance et al., 2003).
Cluster roots tend trap and exploit localised soils only, in contrast to mycorrhizal
hyphae that tend to have a longer exploratory reach (Vance et al., 2003). However, the
method of enhancing Pi uptake involves releasing large amounts of concentrated
organic root exudates in localised patches that remobilises occluded P from the soils
(Vance et al., 2003). These exudates may be as much as 11% to 23% of the total dry
mass of the plant, depending on the severity of P fixation in soils and the age of the
plants (Shu, et al., 2007). Plants also tend to be aware of the chemistry in the
rhizosphere as different patterns of organic acids were recovered when plants were
grown in Fe- Pi and Al- Pi combinations. Formation of cluster roots were completely
suppressed when grown in high doses of K- Pi (Vance et al., 2003).
1.4.2 Root exudates – the chemical pathway for Phosphorus mobilisation
Shane et al. (2004) determined seven major types and amounts of carboxylate exudates
from Hakea prostrata (Proteaceae). Initially, trans-aconitate and lactate were the
dominating carboxylates but once the cluster roots matured, malate and citrate were the
chief carboxylate exudates. Between days 12 and 13 exudative burst occurred which
lasted 1-3 days and coincided with highest respiration and carbon utilisation. After the
burst secretion of all carboxylates diminished drastically.
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These carboxylates help mobilise occluded phosphate (Pi) by ligand exchange,
solubilisation and exclusion of P-sorption sites in the soil particles and by the
hydrolysis of soluble organic P-esters by plant secreted acid phosphohydrolases
(Nuemann and Martinoia, 2002). These carboxylates and ectoenzymes are acidic in
nature due to the presence of carboxyl groups and tend to solubilise Fe, Al, Mn, Zn and
P bound to soil colloids or particles (Figure 1.11). Thus, many Proteaceae tend to
accumulate high concentrations of Mn and Al in their shoots to compensate for
excessive uptake of these toxic ions (Nuemann and Martinoia, 2002).
Figure 1.11 – Mode of phosphate (Pi) mobilisation in P-deficient soils by cluster roots and laterite
formation (after Pate et al., 2001).
It has been shown that Banksia prionotes can exude citrate to the magnitude of 35-72
μmol per gram soil in the rhizosphere which is more than sufficient to mobilise
occluded P (Lambers and Shane, 2007). The same study also found that as much as
44% of the total P is mobilised by this Proteaceous species in the field. At neutral pH
citrate forms a very strong stability constant with Fe, Al, Cd and Zn cations compared
to malate and oxalate. However, it is oxalate – a carboxylate exuded by some plants -
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that has a higher stability constant in acidic conditions and forms stronger complexes
with micronutrients and toxic metals(Meyer et al., 2010).
Apart from the immensely important function of mobilising phosphorus in fixed soils
some of the other functions of root exudates have also been identified for cluster root
bearing plants (Meyer et al., 2010). Due to the low stability constant of citrate and
malate compared to oxalate, citrate can easily form complexes with toxic and heavy
metals such as Al3+. This cation has been documented to cause root growth retardation
and general reduced productivity in the plant. Plants have been found to rapidly
mobilise malate and citrate from vacuoles when Al3+ reaches toxic levels – a massive
problem in SWWA soils due to their acidic nature – to minimise its toxicity (Meyer et
al., 2010).
Bacterial symbionts of plants receive the majority of their C source as malate but free
living N-fixing soil bacteria utilise both malate and citrate. In the model plant species
Arabidopsis thaliana inoculation with the foliar pathogen Pseudomonas syringae
induced malate exudation from the roots. This resulted in the induction of chemotactic
motility in Bacillus subtilis strain FB17, a beneficial bacterium, which moved to the
roots of the infected plant and protected against the pathogenic Pseudomonas syringae.
The same study also concluded that the infection upregulated AtALMT1, a plasma-
membrane located malate channel (Meyer et al, 2010). Acidification of the rhizosphere
through proton donation (Figure 1.11) may impact on the suites of microbial
communities present at any time, though (Richardson, 2009). For further discussion of
internal metabolic changes and other benefits correlated to root exudates refer to
Meyer et al (2010) and Nuemann and Martinoia (2002).
1.4.3 Internal signalling for the regulation of phosphorus
Gene expression is the primary mechanism by which plants regulate internal and
external P status (Lambers et al, 2010; Lambers et al., 2011). Phosphate moves into the
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roots via diffusion from the rhizosphere and is transported around in the roots actively
by high and low affinity P transporters. Plants growing in low P soils tend to
upregulate their expression and vice versa when soil P status is high in the rhizosphere
to limit P toxicity (Grennan, 2008). Similarly, in L. albus, foliar P application has
shown that shoots near young leaves down-regulate cluster root initiation, formation
and their function (Lambers and Shane, 2007).
Split-root experiments have also shown that cluster roots either predominantly formed
on both treatments (No P vs P treatment) in Grevillea crithmifolia (Proteaceae) or
chiefly in the pots with low P when Hakea prostrata (Proteaceae) was used (Lambers
and Shane, 2007). This indicates that there is an internal signalling system (both on a
holistic and local level) and there is always a variance between species in terms of how
they react to soil P and internal P status (Lambers and Shane, 2007).
The complete genome of the model plant Arabidopsis thaliana was analysed in 2005
(22,810 genes) with respect to P deficiency (Richardson, 2009). It was revealed that a
number genes involved in metabolic pathways, ion transport, signal transduction,
transcriptional regulation and processes directly related to growth and development of
the plant are either induced or suppressed in response to P starvation (Richardson,
2009). Therefore, P starvation responses in plants, proteaceous or otherwise, appear to
follow a complex system of internal signaling based around external stimuli (Figure
1.12). This sets in motion a number of genes to transcript appropriate amino acids
depending on the age of the plant and how severe the P status in the soil is (Richardson,
2009).
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Figure 1.12 – Phosphorus starvation induced internal signalling in plants controlling appropriate
gene expression (sourced from Lambers et al., 2006).
1.4.4 The phytotarium concept and phosphorus starvation response
The phytotarium concept, as touched upon previously, denotes the cooperation
between higher order plants and associated mycorrhizae and/or rhizosphere microbes
to heavily bioengineer the soil profile. This concept has been used by Verboom and
Pate (2006) and Sawkins et al. (2011) to explain the formation of various soil profiles
in Southwest of Western Australia (SWWA), as well as the rest of the world.
Formation of ferricrete bands at the base of plant roots in exclusively proteaceous or
mixed proteaceous ecosystems has been attributed as the secondary effect of
carboxylate exudation (Sawkins et al., 2011). The resulting deposition of Fe, Al and Si
has formed the ferricrete bands over the last 25 million years, coinciding with the
proliferation of Proteaceae in SWWA and the formation of laterites (Figure 1.9). It is
the consumption of the organo-metallic complexes by rhizosphere bacteria and fungi
that precipitate and crystallises ferric and alluminosillicate compounds giving rise to
the lateritic profile (Figure 1.11) (Verboom and Pate, 2006). So, apart from rendering P
available for plant metabolism cluster roots have, indirectly or directly, changed the
soil profile over the ensuing years since their association with the landscape that has
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made their survival and proliferation in such oligotrophic landscapes possible
(Lambers et al., 2006; Lambers et al., 2007; Shane and Lambers, 2006).
Interestingly, lateritic soil profiles in SWWA usually have A, E (leached zone), and Bs
horizons (Fe and Al sesquioxide rich) located around 30-40cm exactly around the base
of the lateral roots of the proteaceous plants including cluster roots (Figure 1.13),
(Verboom and Pate, 2006; Sawkins et al., 2011). Cluster roots have been attributed as
an extremely advantageous morphological structure helping Proteaceae compete for P
better than other plants in their community (Verboom and Pate, 2006).
Figure 1.13 – Laterite soil profile in the first 80cm and corresponding P and Fe levels (after
Sawkins et al, 2011).
Formation of ferricretes and alcretes has been documented to occur in wetter regions
(Hopper and Gioia, 2004; Verboom and Pate, 2006; Sawkins et al., 2011) which
coincides with the distribution of kwongan heathlands and jarrah forest ecosystems
along the HRP and TRP/ SCP which are dominated by Proteaceous and Myrtaceous
species, respectively (Figure 1.8).
The formation of calcretes is usually limited to alkaline soils which typically receive
less rainfall such as the arid zone communities and inner regional lands as is the case in
SWWA and WA (Pate et al., 2001) (Figure 1.3). On a more intimate level, however, it
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has been shown that calcretes may overprint upon alcretes/ferricretes and vice versa
(Figure 1.14) (Verboom and Pate, 2006).
Figure 1.14 – Influence of myrtaceous and proteaceous vegetation communities on the soil profile
(after Sawkins et al, 2011).
Spatial and temporal distribution of various plant communities and their associated soil
microbial communities have given rise to laterite and alkaline loamy duplex with lime
soil profiles around SWWA and WA, in general (Figure 1.14). As can been seen,
ensuing occupation of myrtaceous and proteaceous plants has changed the soil profile
and its chemical properties across a horizontal axis (Sawkins et al., 2011).
This dynamic of plants influencing soil profile which in turn influences distribution of
vegetation is complex and includes another important participant such as hydraulic lift
in deeper layers, hydrophobicity and general hydrological redistribution from the tap
root to cluster roots and the impact it has on carboxylate exudation, seasonal variation
in water retention in planta and the soil profile (Verboom and Pate, 2006). Due to the
limitations of the scope of this chapter hydrology has been omitted and can be referred
to in Verboom and Pate (2006).
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1.5 PHOSPHITE: A FUNGICIDE OR FERTILISER?
Phosphite was first registered as fungicide (Foli-r-fos 400) (Thao and Yamakawa, 2009)
and has proven to be an effective tool in suppressing Phytophthora cinnamomi that
causes root-rot disease. However, there is a real concern in terms of phosphite being
converted to phosphate in the soil. This may potentially over time upset the delicate
phosphorus balance that has been in equilibrium for millions of years.
Lack of available Pi in the soil, among other factors, has exerted evolutionary selective
pressures on SWWA flora resulting in such high species diversity. However,
anthropogenic activities have resulted in the introduction of P. cinnamomi which is
seriously threatening the survival of this diversity. Phosphorus based phosphite has
been the only effective method of mitigating the effects of the pathogen, This study has
aimed to investigate whether annual phosphite application on previously virgin
ecosystems affected the biotic and/or abiotic factors in such habitats.
1.6 AIMS AND STUDY OBJECTIVES
Plants and phosphorus have long enjoyed a balance in the SWWA. For millions of
years plants have adapted to not only a harsher climate but an even more unforgiving
edaphic features. Since the discovery of phosphite’s fungicidal properties in late 1970s
it has been very effective in controlling the very destructive plant pathogen P.
cinnamomi. This study investigates the ecosystem changes in structure and function at
Gull Rock National Park (GRNP), a site that has had long-term phosphite application.
It aims to assess the impact of this unprecedented influx of P in previously deficient
ecosystems. This study examined the:
 impact of long-term phosphite application on soil phosphorus levels in native
ecosystems (Chapter 2)
 impact of long-term phosphite application on plant tissue phosphorus levels
(Chapter 2)
 flora community changes with respect to phosphite accumulation (Chapter 3)
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CHAPTER 2 - EDAPHIC AND PHYSIOLOGICAL CHANGES DUE TO
PHOSPHITE ACCUMULATION IN BANKSIA WOODLAND ECOSYSTEMS
IN THE SOUTHWEST OF WESTERN AUSTRALIA
2.1 INTRODUCTION
Phosphite (H2PO3-), an analogue of phosphate (H2PO4-), has been used in Southwest of
Western Australia (SWWA) for the last 20 years to suppress the impacts of the soil
borne pathogenic oomycete P. cinnamomi (McDonald et al., 2001). Phosphite has
proven to be an excellent fungicide in suppressing the spread and impact of the
devastating pathogen in rare and endemic native vegetation communities in SWWA
and other sites where the pathogen’s impact needs to be mitigated (Shearer et al.,
2009). However, experimental evidence shows that cluster root bearing plants may
identify phosphite as Pi (Lambers et al., 2006). Phosphite also induces identical
phosphorus starvation responses in plants as Pi (Figure 1.12).
Nevertheless, the lack of a single oxygen atom in phosphite does not allow it to enter
the same biochemical pathways as Pi in vivo. Even though the plants may uptake Phi in
similar pathways as Pi, phosphite tends to be accumulated but not utilised as a P source
for metabolism (McDonald et al., 2001; Thao and Yamakawa, 2009). This has been
proven in early experiments to discern whether phosphite has a fertiliser capacity.
Since phosphite’s discovery in the 1930s it has been found to inhibit agricultural yield
when it replaced traditional forms of P fertiliser such as superphosphate. Ironically,
reuse of the land previously sprayed with phosphite has been noted to increase yield
(but not enough to replace superphosphate in agriculture) (Rickard, 2000). This was
attributed to the slow microbial conversion of phosphite to Pi (Figure 2.1).
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Figure 2.1 – The bacterial transformation of phosphite to phosphate (From Ohtake et al., 2001).
The major concern with respect to regular use of phosphite as a fungicide in
traditionally P-deficient ecosystems is that it may cause deleterious effects such as
shifting plant communities to a more P-tolerant one, causing widespread phytotoxicity
or potentially act as a fertiliser.
However the P cycle does not take phosphite spraying into account. Therefore, the
ecosystem has to recycle an additional 24-48 kg/ha/year of P that is mainly sprayed
aerially or given as trunk injections (Figure 2.2) (Hardy et al., 1994). This roughly
equates to 9.3-18.6 kg/ha/year of additional P into the ecosystems (Stuart Pearse,
UWA, pers. comm., 2011). In agriculture 10-40 kg/ha/year of P is applied as fertilisers;
however, two-thirds of the P is exported as harvest (ANRA, 2001; Vance et al., 2003).
This does not happen in native ecosystems. When aerially sprayed, most of the
phosphite does not reach the soil as it is intercepted by the litter and the plants
themselves (depending on how thick the vegetation is). Since most schlerophyllous
species are long-lived the majority of the phosphite remains tied to the biomass;
however, litter decomposition may happen relatively quicker (Pate et al., 2001).
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Figure 2.2 – Phosphorus cycling in Banksia prionoites woodland in Moora, WA and impact of
phosphite spraying. The nutrients are in kg/ha (modified from Pate et al., 2001).
Even though proteaceous plants can remobilise Pi from senesced tissue additional P
(intercepted phosphite) leads to its accumulation. Also, since most Mediterranean
ecosystems are prone to fires phosphite accumulated in biomass of the plant will also
reach the soil eventually. However, it can also be argued that the ferricrete and alcrete
bands may readily bind with the converted Pi and not make it readily available to the
plants. One counter-argument could be that the P sensitive plants may readily sense the
presence of ‘extra’ Pi in the soil and may stop inducing P starvation responses.
This study investigated whether phosphorus accumulation is occurring in an ecosystem
that has received regular treatments of phosphite over 14 years, and whether P
accumulation has had any effects, detrimental or beneficial, on the edaphic and
physiological characteristics of plants within the chosen study site. The study
investigated if phosphite treatment had resulted in elevated phosphorus levels in the
soil and plant tissue. More specifically the following hypotheses were tested:
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Hypothesis 1 – Long-term phosphite application does not increase soil phosphorus
levels.
Hypothesis 2 - Long-term phosphite application does not increase plant tissue
phosphorus levels.
2.2 MATERIALS AND METHODS
2.2.1 Study site and experimental design
Project location
Gull Rock National Park (GRNP), situated in the South Coast Region of Western
Australia, was the study location (coordinates 50 H 590160 6126404 and 50 H 590144
6126205 Universal Transverse Mercator) (Figure 2.3) (Please refer to Chapter 3 for a
more in-depth analysis of the Project location). The study site within GRNP has had no
wildfires in the last 14 years of phosphite application. This means that most of the
phosphite is still stored in plant tissue due to the dense vegetation communities in the
study site.
Figure 2.3 – The Gull Rock National Park (GRNP) study site (adapted from
ww.amazingalbany.com.au, 2012). N.B. Please refer to Chapter 3 for a more in depth analysis of
the study site .
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Experimental design
The sites that were monitored had the following treatments: ‘unsprayed and P.
cinnamomi-free’ plots (Treatment 1/control group); ‘unsprayed and P. cinnamomi
infested’ plots (Treatment 2); ‘phosphite sprayed and P. cinnamomi infested’ plots
(Treatment 3), and finally, ‘phosphite sprayed and P. cinnamomi-free’ plots
(Treatment 4/impact group). These sites have been sprayed with phosphite between
1996-2010 by the Albany Department of Environment and Conservation (Table 2.1).
Table 2.1. Phosphite application rates in Gull Rock NP study site between 1996-2010 in
kg/ha.
Year No.of applications Application rate (kg/ha) Cumulative rate (kg/ha
1996 2 48 96
1999 2 12 24
2001 2 12 24
2003 2 12 24
2004 2 12 24
2006 2 12 24
2008 2 12 24
2009 2 12 24
2010 2 12 24
It was crucial to understand the pathogen-environment-host dynamic in this ecosystem
to ascertain the impact of phosphite in disease-free and diseased scenarios. But, due to
limited resource, the plots within P. cinnamomi infested areas were excluded from soil
and plant tissue analyses. However, all four treatments were included in floristic
survey (Please refer to Chapter 3 for this). This experimental design was substituted
with spatial-gradient (Fukami, 2005) approach where unsprayed and P. cinnamomi-
free plots (Treatment 1) and the phosphite sprayed and P. cinnamomi-free plots
(Treatment 4) were assessed.
Phytophthora hygiene measures
The study site is a Priority 1 ecological community due to the presence of high floristic
diversity and its high risk to infestation by P. cinnamomi. This makes it a Priority
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Ecological Community (Sandiford and Barrett, 2010; Sarah Barrett, personal
communication, 2012). Consequently, it was crucial not to spread the pathogen to non-
infested areas of the study site. As a result, hygiene stations were set up at the starting
point of each of the four treatments. Gumboots were thoroughly scrubbed clean of
soil/mud and sterilised with 70% methylated spirits on entry and exit from each site.
Vegetation survey approach
The vegetation was surveyed between mid May and late June 2011 during winter. The
survey was undertaken to identify the species diversity, capture canopy closure using
hemispherical photography (Chapter 3) and collect soil and plant-tissue samples for
phosphorus analyses. A 120 m transect line was set up for each of the four treatments,
and along ten 25m2 (5m X 5m) plots were established (Figure 2.4). The plots had a
“buffer zone” of seven metres, mid-point-to-mid-point, and an exclusive boundary of
five metres running parallel to each quadrat. These were precautionary measures to
eliminate duplicate sampling.
In each plot a 1m2 custom-made PVC pipe “square” was used to form quadrats for the
purpose of P soil analysis. In each 25 m2 plot the four corners and its mid-point were
used to set up the 1m X 1m sampling quadrats. Soil samples were collected at two
depths: the first five centimetres of top soil was collected (upper horizon) and then
using an augur a sample was collected at five-20 cm depth (lower horizon). Samples
collected from each of the five quadrats (per plot) were then bulked together and
thoroughly mixed before being stored in a zip-lock bag. This was done for both soil
depths: 0-5 cm and 5-20 cm. Soil samples were then stored at 4 °C prior to analysis to
reduce any transformation of phosphorus by soil microbes.
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Figure 2.4 – Locations of each of the plots with respect to treatments: Unsprayed and
Phytophthora cinnamomi-free plots (■); unsprayed and P. cinnamomi infested plots (■); phosphite
sprayed and P. cinnamomi infested plots (■); phosphite sprayed and P.cinnamomi-free plots (■).
Four species known to be susceptible to phosphite phytotoxicity were chosen as target
species for the total phosphorus assay (Barrett et al. 2004). These species were
Adenanthos cuneatus, Banksia coccinea, Banksia attenuata and Jacksonia spinosa. In
each 5m X 5m plot, mature leaves from three separate trees/shrubs were collected. The
senesced leaves were either collected from the tree/plant itself or directly from under
the canopy of each plant. Overall, six samples were collected (three mature and three
senesced tissue samples) for each species except for A. cuneatus . For A. cuneatus only
the mature leaves were collected as it was not possible to collect senesced leaves from
this species. All the samples were stored in brown paper bags in the field before being
dried for two weeks at 60 °C. Once fully dried the samples were stored at 37 °C until
they were weighed and processed for P analysis.
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Assay for soil plant-available and total phosphorus
Only soil samples from odd-numbered plots were assayed from unsprayed and P.
cinnamomi-free plots (plots 1, 3, 5, 7 and 9) and the phosphite sprayed and P.
cinnamomi-free plots (plots 31, 33, 35, 37 and 39). Soil total phosphorus was analysed
with the ‘Soil Digestion using Perchloric acid’ method (Smirk, 2011). This involved
weighing 0.5 g of finely ground soil sample and transferring them in short 15 cm tubes
(due to the large SOM content). For each plot two samples were digested (upper
horizon and lower horizon samples). The samples were pretreated with nitric acid
(70% -dropwise) to break down the SOM while being heated at 120 °C until the
samples were dry.
After cooling the samples they were treated with 1 mL of perchloric acid (70%) and
heated to 100 °C for 15 minutes or until the dark tinge of the sample is lost a little.
Then samples were further heated to 160 °C for 10 minutes. After the colour started
dissipating more the samples were further heated to 190 °C for 30 minutes at which
point dense white fumes of perchloric acid were evident. The samples were allowed to
cool for 5-10 minutes. MilliQ (MQ) water was transferred to each tube to the 20 mL
mark and vortex mixed. The samples were covered and left for two days and the
resultant supernatant was carefully extracted using a syringe.
To determine the total P levels 1 mL of the supernatant was transferred into a 10 mL
polypropylene tube. Five mL of MQ water as added to the tube along with 1.6 mL of
the Malachite green colour reagent as it is standard for native soils. The tube was
further filled with MQ water to the 10 mL mark and after 30 minutes
spectrophotometrically tested at 880 nm for P levels. Two 'swamp' soil samples were
used as a standard which would have had similar properties as deemed by the lab
technician. However, the results from the standards were not included in the graphs or
otherwise.
37
The plant-available phosphorus levels were assayed using ‘Flouride Extractable
Phosphorus (Bray – 2 Test)’ to quantify soil orthophosphate (PO43-) levels (Smirk,
2011). Roughly ground 5 g of the soil samples were transferred into 50 mL plastic
vials. Again, two samples were analysed per plot. In the representative samples from
the chosen plots 35 mL of the extracting solution (0.03M NH4F + 0.1M HCl) was
added. The samples were subsequently shaken for 40 seconds. Immediately after
shaking most of the sample was extracted using a new syringe and and disposable filter
onto a new vial.
In the case of the field soil samples 3 mL of the sample was extracted (using Gilson
pipetman) into 10 mL plastic vials. One millilitre of the Malachite green colour reagent
was added and allowed to settle for 15 minutes so the samples could develop the
colour. The samples were than measured spectrophotometrically at 630 nm.
Photosynthesis assessment
Gas exchange was measured on at least four mature leaves of three replicate plants
using a LI-6400 portable gas-exchange system (Li-Cor, Lincoln, NE, USA) at ambient
CO2 and temperature (400 mol mol-1 and 19-22 °C, respectively), and with
illumination set at 1500 mol quanta m-2 s-1 (LI-6400-02B red-blue light source; Li-
Cor)
Data analysis
The mean plant-available and total phosphorus levels were calculated by averaging the
data from from each of the representative plots. Similarly, tissue total P levels were
calculated by averaging every ‘individual’ plant from all the plots. Further data
analyses were performed using SPSS Version 17 for the One-Way ANOVA. Statistical
significance was always p < 0.05, except where stated otherwise. In the case of
senesced tissues, the data were square-root transformed in order to meet the underlying
assumptions of One-Way ANOVA: homogeneous variance and normal distribution.
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The independent variables were soil horizons (upper and lower) and the treatments
while the dependent variable was soil P level (total and plant-available).
2.3 RESULTS
2.3.1 Soil phosphorus levels
Plant-available phosphorus levels within soils
Plant available phosphorous was significantly (F(1, 18) = 7.339, p = 0.014) higher in the
soils of the phosphite sprayed and P. cinnamomi-free plots than the unsprayed and P.
cinnamomi-free plots (Figure 2.5). The plant available phosphorous was also
significantly (F(1, 8) = 5.484, p = 0.047) higher in the upper horizon within the soils of
the phosphite sprayed and P. cinnamomi-free plots than the unsprayed and P.
cinnamomi-free plots.
The plant available phosphorous for these upper horizon soils ranged between 0.398 –
0.403 mg/kg for the unsprayed and P. cinnamomi-free plots and between 0.400 – 0.403
mg/kg for the phosphite sprayed and P. cinnamomi-free plots. However, there was no
significant difference in the plant available phosphorous between the lower soil
horizons.
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Figure 2.5 – Soil plant-available phosphorus (mean) unsprayed and P. cinnamomi-free plots (1, 3,
5, 7, 9) and phosphite sprayed and P. cinnamomi-free plots (31, 33, 35, 37, 39). Upper horizon (■)
denotes 0 – 5 cm soil depth and lower horizon (■) denotes 5 – 20 cm soil depth. The bars represent
the standard error of the means.
“Soil horizons” analysis was carried out to distinguish any changes to soil phosphorus
levels with respect to depth and soil organic matter. The soil organic matter was
present to a depth of 40 cm in most places (data not included). However, sampling
only the top 5 cm and 5 - 20 cm of the soil profile was viable as, generally, most soil
phosphorus is in the topsoil, i.e., top five centimetres (Ward 2000).
There was a trend associated with the plant-available phosphorus level between
unsprayed and P. cinnamomi-free plots and the phosphite sprayed and P. cinnamomi-
free plots. On average, there was an almost two-fold increase in plant-available
phosphorus for upper and lower Horizons (Figure 2.5).
Total phosphorus levels within soil
Total phosphorous between the lower horizon soils of the phosphite sprayed and P.
cinnamomi-free plots plots were significantly (F(1, 8) = 40.519, p < 0.001) higher than
the unsprayed and P. cinnamomi-free plots (Figure 2.6). The total phosphorous for
these lower horizon soils ranged between 0.397 – 0.400 mg/kg for the unsprayed and P.
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cinnamomi-free plots and between 0.398 – 0.403 mg/kg for the phosphite sprayed and
P. cinnamomi-free plots.
There was no significant difference in the overall total phosphorous between the
phosphite sprayed and P. cinnamomi-free plots and unsprayed and P. cinnamomi-free
plots (F(1, 18) = 0.440, p = 0.516), or between the upper horizon soils (F(1, 8) = 0.431; p =
0.530). There were some technical problems during chemical analysis for the upper
horizon soils from plots 3, 31, 35 and 39 that may have lead elevated total phosphorous
measurements. This is the reason for the relatively higher standard error for this
treatment (Figure 2.6).
Figure 2.6 –Total phosphorus in the soils (mean) of the unsprayed and P. cinnamomi-free plots (1,
3, 5, 7, 9) and phosphite sprayed and P. cinnamomi-free plots (31, 33, 35, 37, 39). Upper horizon (■)
denotes 0 – 5 soil depth and lower horizon (■) denotes 5 - 20cm soil depth. The bars represent the
standard error of the means.
2.3.2 Plant tissue phosphorus levels
The mature leaves of Jacksonia spinosa showed no significant (F(1, 27) = 2.118, p =
0.157) difference in total phosphorus levels between unsprayed and P. cinnamomi-free
plots and phosphite sprayed and P. cinnamomi-free plots. The total phosphorus for
these mature leaves ranged between 0.007 - 0.185 mg/g for the unsprayed and P.
cinnamomi-free plots and between 0.017 - 0.224 mg/g for the phosphite sprayed and P.
cinnamomi-free plots (Figure 2.7).
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However, the senesced leaves of J. spinosa had significantly (F(1, 26) = 15.016, p =
0.001) higher total phosphorus levels recorded in the phosphite sprayed and P.
cinnamomi-free plots compared to the control treatment. Senesced leaves had a range
of 0.001 - 0.185 mg/g for the unsprayed and P. cinnamomi-free plots and between
0.002 - 0.183 mg/g for the phosphite sprayed and P. cinnamomi-free plots. The mature
leaves, on average, had a two-fold increase in total phosphorus levels, also. There is
very high variability in total phosphorus levels in both the treatments but more so in
the senesced tissues.
Figure 2.7 –Mean total phosphorus in the tissue of Jacksonia spinosa mature leaves (■) and
senesced leaves (■) of the unsprayed and P. cinnamomi-free plots (1, 3, 5, 7, 9) and phosphite
sprayed and P. cinnamomi-free plots (31, 33, 35, 37, 39). The bars represent the standard error of
the means.
In the case of Banksia attenuata (Figure 2.8), mature leaves had significantly (F(1, 28) =
6.960, p = 0.013) higher total phosphorus levels in phosphite sprayed and P.
cinnamomi-free plots compared to the control treatment. Unsprayed and P. cinnamomi-
free mature leaves had a range of total phosphorus between 0.015 - 0.123 mg/g. Whilst,
phosphite sprayed mature leaves had a range of 0.011 - 0.187 mg/g total phosphorus.
The B. attenuata senesced leaves, too, had significantly (F(1, 25) = 9.281, p = 0.005)
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higher phosphorus levels between in the phosphite sprayed and P. cinnamomi-free
plots than the unsprayed and P. cinnamomi-free plots.
The senesced B. attenuata tissues had a range between <0.0001- 0.018 mg/g P for the
unsprayed and P. cinnamomi-free plots while the phosphite sprayed and P. cinnamomi-
free plots had a range of 0.002 - 0.057 mg/g total phosphorus. This is a more than two-
fold increase in senesced leaves’ total phosphorus levels compared to the control
treatment. The mature leaves also showed a sharp trend of increasing tissue
phosphorus levels in the phosphite sprayed and P. cinnamomi-free plots but there was
high variability recorded in total P levels (Figure 2.8).
Figure 2.8 - Mean total phosphorus in the tissue of Banksia attenuata mature leaves (■) and
senesced leaves (■) of the unsprayed and P. cinnamomi-free plots (1, 3, 5, 7, 9) and phosphite
sprayed and P. cinnamomi-free plots (31, 33, 35, 37, 39). The bars represent the standard error of
the means.
Banksia coccinea (Figure 2.9) mature leaves also had a significantly F (1, 25) = 4.583, p
= 0.042) high total phosphorus recorded in phosphite sprayed and P. cinnamomi-free
plots compared to unsprayed and P. cinnamomi-free plots. The range of total
phosphorus for the mature leaves was between 0.022 - 0.146 mg/g P in the unsprayed
and P. cinnamomi-free plots. In the phosphite sprayed and P. cinnamomi-free plots the
range extended between 0.034 - 0.207 mg/g P.
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Similarly, the senesced leaves of B. coccinea had significantly (F(1, 25) = 4.480, p =
0.044) elevated total phosphorus recorded in phosphite sprayed and P. cinnamomi-free
plots compared to unsprayed and P. cinnamomi-free plots. The range for the total
phosphorus for the unsprayed and P. cinnamomi-free plots was between 0.0004 - 0.022
mg/g P. Like the other target species, the senesced leaves of phosphite sprayed and P.
cinnamomi-free plots had a higher range between 0.003 - 0.051 mg/g total phosphorus.
Figure 2.9 - Mean total phosphorus in the tissue of Banksia coccineamature leaves (■) and
senesced leaves (■) of the unsprayed and P. cinnamomi-free plots (1, 3, 5, 7, 9) and phosphite
sprayed and P. cinnamomi-free plots (31, 33, 35, 37, 39). The bars represent the standard error of
the means.
Lastly, Adenanthos cuneatus (Figure 2.10) mature leaves also showed a significant (F
(1, 28) = 7.064, p = 0.013) elevation of total P levels in samples collected from phosphite
sprayed and P. cinnamomi-free plots compared to unsprayed and P. cinnamomi-free
plots. The mature leaves had a range of 0.031 - 0.168 mg/g total phosphorus in the
unsprayed and P. cinnamomi-free plots. In the phosphite sprayed and P. cinnamomi-
free plots, the total phosphorus ranged between 0.063 - 0.413 mg/g P.
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Figure 2.10 – Mean total phosphorus in the tissue of Adenanthos cuneatus mature leaves. The
samples were collected from unsprayed and P. cinnamomi-free plots (1, 3, 5, 7, 9) and the
phosphite sprayed and P. cinnamomi-free plots (31, 33, 35, 37, 39). The bars represent the
standard error of the means.
2.3.3 Photosynthesis rates between phosphite sprayed and unsprayed groups
Photosynthesis measurements were taken on the 18th and 19th of June 2011 (Figure
2.11). Following the gas-exchange measurements, leaves were harvested for leaf area
determination. Banksia attenuata leaves had significantly (F(1, 22) = 29.541, p < 0.001)
increased photosynthesis rates in the phosphite sprayed and P. cinnamomi-free plots.
Banksia coccinea, on the hand, did not have a significantly (F(1, 22) = 0.076, p = 0.786)
higher phosotosynthesis rate in the above plots.
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Figure 2.11 – Photosynthesis results for B. attenuata and B. coccinea leaves from three individual
plants per species of treatment in Gull Rock National Park . “Control” are the unsprayed and P.
cinnamomi-free plots while “Phi” refers to the phosphite sprayed and P. cinnamomi-free plots.
The bars represent the standard error of the means.
2.4 DISCUSSION
Soil phosphorus
This study has demonstrated that phosphite treatment within P. cinnamomi disease-free
centres resulted in increased phosphorous levels within soil and plant tissue. The
question needs to be asked if this is outside the “normal” range of phosphorus levels
and therefore likely to lead to deleterious effects on the health of Southwest WA
woodland/heath ecosystems?
Southwest of Western Australian soils have become nutrient depauperate over the last
500 million years (Chapter 1). The lack of soil phosphorus levels in SWWA is some of
the most extreme in the world. Total phosphorus in SWWA soils have been noted to be
anywhere between 9 - 220 mg/kg (Handreck, 1997; Fisher et al., 2006; Groom and
Lamont, 2010; Lambers et al., 2011). Importantly, it has been noted that sandy soils,
due to a lack of clay content, quality of soil organic matter, cation exchange capacity
and high acidity (Chapter 1) tend to have extremely low levels of total phosphorus;
usually between 1- 3 mg/kg (Handreck, 1997). Similarly, SWWA soils tend to have
even lower levels of plant-available phosphorus. These have been noted to be between
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1.1 - 5 mg/kg with sandy soils favouring the lower end (Handreck, 1997; Ward, 2000;
Fisher et al., 2006; Groom and Lamont, 2010).
The phosphorus levels (total and plant-available) obtained from the study site - GRNP
- were from the topsoil (0 - 5 cm soil depth) followed by five-20 centimetre depth
(lower horizon). The topsoil holds most of the nutrients which starts dissipating with
depth after five centimetres (Moore, 2004). The deep white/light grey sands of the
GRNP study site (Sandiford and Barrett, 2010) are typically neutral to acidic, have
uniform-coarse texture, are highly deficient in major macro- and micro-nutrients
(especially P), have very low water storage capacity, cation exchange capacity and are
easily water-logged and are prone to aluminium toxicity in acidic conditions (pH < 4.5)
(Moore, 2004).
The elevated levels of plant-available phosphorus, although significantly high, is still
well below the “natural” levels mentioned previously. Although, on the whole, total
phosphorus levels were not significantly higher between the phosphite sprayed and P.
cinnamomi-free plots and unsprayed and P. cinnamomi-free plots, they were a lot
lower than the common P levels found in SWWA soils with similar properties
(Handreck, 1997; Ward, 2000; Fisher et al., 2006; Groom and Lamont, 2010). This
provides evidence that long-term phosphite application leads to P accumulation within
soil in the form of phosphate. Although the soil phosphorus levels are well below the
reported levels for phytotoxicity they still have increased significantly in the case of
plant-available P in the upper horizon (p = 0.047) and total phosphorus in the lower
horizon (p < 0.001).
Incidently, plant-available phosphorus was more prominent in the upper horizon which
is typical of topsoil conditions. However, the total phosphorus levels were significantly
higher in the lower horizon than plant-available P. The soil in the GRNP study site had
dark organic matter to at least 30 cm of the profile called humus podzols (Barrett,
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2001). Humus podzols are an amalgamation of humus, aluminium and iron
sesquioxides with mostly sand. This means that these soils are well aerated, drained
and naturally extremely low in labile phosphorus (Peverill et al., 1999). Therefore, the
very low phosphorus levels measured can be attributed to this soil characteristic.
Humus, a constituent of soil organic matter (SOM), is colloidal and decomposes at a
very slow rate. It generally forms a bond with soil clay minerals to form new
molecules with a larger weight. Consequently, they act as a natural glue to form soil
aggregates and are the primary source of nutrients such as phosphorus, sulphur and
nitrogen and carbon for rhizosphere inhabitants and plants (Sparling et al., 1994;
Harper et al., 2010). This may explain the higher level of soil phosphorus in the
phosphite sprayed and P. cinnamomi-free plots. Another point is that the study site is
just “upslope of seasonally wet drainage lines” (Sandiford and Barrett, 2010). In other
words, all the runoff flows through GRNP study site before becoming part of the water
table, possibly increasing horizontal leaching of plant available and total phosphorus.
The soil samples were taken in the wettest months when average monthly rainfall is
between 133 - 144 mm (average annual rainfall being 928 mm) (BoM, 2012). And,
given that deep white sands have a coarse texture and have very high water repellence,
two effects on soil phosphorus levels can explain the extremely low P levels (Jobbagy
and Jackson, 2001). First, vertical and horizontal leaching of soil phosphorus is very
high compared to soils with higher clay content. Water permeates (along with
dissolved plant-available phosphorus) from higher points in the landscape to reach the
water table. Secondly, once the soil dries up, it forms a water-repellent layer
preventing further water entry (Jobbagy and Jackson, 2001). The humus podzols layer
may retain some soil moisture to help in P cycling but the very meagre phosphorus
levels seem to counter this argument.
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Soil microflora communities generally include bacteria genera such as Arthrobacter,
Pseudomonas and Achromobacter and fungi in the genus Aspergillus (Ashman and
Puri, 2002). These microbes secrete organic acids and phosphatases such as the α-
ketugluconic acid that dissolves ligand-bound phosphate to liberate it for metabolism.
Bacteria also have a higher P requirement (1.5 - 2.5 % dry weight) compared to plants
(0.05-0.5 % dry weight) (White, 1997; Ashman and Puri, 2002). This means they are
highly competitive with plants. Aerially sprayed phosphite may be ending up in the
soil and possibly explains the elevated P levels in the phosphite sprayed and P.
cinnamomi-free plots. The excess P may have triggered favourable conditions for these
microbial groups to flourish and, in turn, cycling P at a relatively faster rate.
For total soil phosphorus analysis, samples were acid digested which requires the acid
digested solution being clear with no impurities visible. However, almost half the
solutions were “murky white” or slightly “golden brown”. The laboratory technicians
and resident Professor did not believe that these non-clear solutions would cause any
problems in terms of obtaining proper spectrophotometric results. The extremely low
total phosphorus levels could either be explained by partial breakdown of organic
matter during the acid digest stage or by the intrinsic nutrient poor soils. If the soil
profile did not have any organic matter the results could not be refuted. However, the
heavy presence of soil organic matter between 0 - 30 cm of the soil profile means the
total phosphorus levels should have been relatively higher than those obtained.
Plant tissue total phosphorus levels
Gull Rock National Park has been sprayed with phosphite (Phi) for the last 14 years at
the rate of 24 kg/ha/annum to mitigate the impact of P. cinnamomi (Sarah Barrett, pers.
comm., 2012). There were between two- and three-fold increases in total phosphorus
levels in mature and senesced leaves between the control and phosphite treatment.
Senesced leaves of J. spinosa were the most affected of the four species. This makes
sense as J. spinosa is the most sensitive species to phosphite toxicity (Barret, 2001)
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and would try and remobilise excess phosphorus in its system to senescing leaves
(Barrett, 2001; Barrett, 2004). Reuter and Robinson (1997) reported that B. ericifolia
becomes phytotoxic between 0.17 - 0.62 % total phosphorus levels. The B. attenuata
and B. coccinea mature leaves analysed from the phosphite sprayed and P. cinnamomi-
free plots had total phosphorus between 0.105 – 1.867 % and 0.336 – 2.072 %,
respectively.
If we are to apply the same 'phytotoxicity threshold' to the two Banksia species assayed
then they are well over the critical levels. Incidently, the elevated senesced leaves’
total phosphorus levels (0.002 – 0.064 mg/g P for B. attenuata and 0.003 – 0.051 mg/g
P for B. coccinea) indicate that the plants are actively trying to rid themselves of
excess phosphite from their systems (Kumar et al., 2009). It is important to note that
there is species-specific interaction with phosphite in vegetation communities (Barrett,
2004) and that each species has a different threshold before deleterious effects of
phosphorous are observed.
The species-specific interaction notion is also aided by the photosynthesis results for B.
attenuata and B. coccinea. Some native SWWA plants allow basipetal movement of
phosphorus to below surface organs, shoots and younger leaves for storage. One of the
P-starvation responses is to remobilise P from senescing tissues. Since there were
significantly elevated P levels in senesced leaves it is proposed that the target species
were actively ridding themselves of excess phosphorus (Parks et al., 2000; He et al.,
2011). On a similar note, Hakea prostrata, for example, is a P sensitive species and
can not down-regulate P uptake even when it has had sufficient amounts of phosphite
(Shane and Lambers, 2006). This has been attributed to an evolutionary adaptation to
store P in the wet season when cluster roots are active and then to remobilise P for
summer shoot growth (Shane and Lambers, 2006).
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It could also be argued that the significant photosynthesis levels detected in B.
attenuata could be because of soil phosphate uptake, which has already been
established as being significantly higher in the phosphite sprayed and P. cinnamomi-
free plots. This would allow the plants to ‘increase specific leaf area, light saturation
point, and chlorophyll and carotenoid contents per unit’ (Wang et al., 2006) and
consequently produce more biomass. Since the plants cannot metabolise phosphite, it
is proposed that the plants are using their photosynthetic reserves to actively mobilise
phosphite or phosphate to senescing leaves as explained above.
According to Zambrosi et al. (2011) citrus fruits when grown in 0.5 mM phosphite
conditions showed increased total P and and soluble orthophosphate in their leaves and
roots but this did not equate to increased plant growth. Infact, the plants exhibited signs
of phytotoxicity and impeded the plants’ overall ability to properly utilise P- and N-
sources to produce biomass. Zambrosi et al. (2011) also concluded that phosphite
significantly reduced the citrus plants’ ability to assimilate CO2. This means that the
high photosynthetic rates were not due to phosphite but possibly from adsorbed
phosphate from the soil.
In contrast, Hass avocado trees appear to perform substancially well for agronomic
purposes when foliar sprayed with phosphite (Potassium, Calcium and Magnesium
salts) (Cervera et al., (2007). The trees had significantly high photosynthesis rates,
high root density, and increased number of leaves than trees not treated with phosphite.
However, all the test plants were infected with P. cinnamomi. Therefore, the high
photosynthesis rates and overall development could be due to improved immune-
system and/or direct pathogen suppression (Smillie et al., 1989; Jackson et al., 2000).
Therefore, phosphite directly does not increase photosysnthesis rates but, in its
oxidised state as phosphate it does.
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Phosphite is mixed with surfactants (Pulse at 0.25%) before being aerially applied to
protect against root-rot disease. Empirical evidence suggests that penetrants/surfactants
like Pulse improve the efficacy of phosphite in lesion size reduction (in lupins)
(McComb et al., 2008). Pulse has also increased the ability of waxy, hirsute and
vertically inclined leaves of native species to absorb phosphite faster and retain it for
longer. It generally takes ~15 minutes for leaves to absorb phosphite when sprayed to
run-off (McComb et al., 2008). Given that Department of Environment and
Conservation ensure weather conditions are favourable (low wind and no rainfall)
before aerial spraying (Damien Rathbone, DEC, pers. comm., 2011) it’s unlikely that
rainfall would have washed off the phosphite on to the ground or litter-cover
immediately post treatment.
Australian ecosystems are dominated by sclerophyllous plants (Wilkinson and
Humphreys, 2006). These plants have higher lignin content in their leaves keeping
them from easily succumbing to wilting, diseases, and lengthens their lives (Wilkinson
and Humphreys, 2006). Naturally, as these plants live longer most of the excess P
remains tied to the plants. Another issue is that the leaves of such plants tend to take
longer to decay, as well (Talbot et al., 2012). This may be one of the reasons for the
low levels of soil phosphorus levels due to slow decomposition of the leaf litter.
Another characteristic of some sclerophyllous plant families is cluster roots. Cluster
roots are a prominent feature of 236 species in 27 genera in Proteaceae. Other
members of Betulaceae, Casuarinaceae, Cucurbitaceae, Cyperaceae, Eleagnaceae,
Leguminosae, Moraceae, Myricaceae and Restionaceae families also possess these
morphophysiological traits (Neumann and Martinoia, 2002). The specific functions of
these cluster roots has been discussed previously (Chapter 1), which is predominantly
to “mine” for phosphorus in extremely P deficient soils such as those in SWWA.
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Since the target species had significant levels of P in their leaves and were actively
trying to rid this extra P it is evident that long-term phosphite application increases
plant tissue phosphorus levels. It was observed that within phosphite sprayed and P.
cinnamomi-free plots the vegetation was a lot denser and overall “appeared” healthier
in this treatment compared to the unsprayed and P. cinnamomi-free plots. The Banksia
species were apparently thriving and there was a mid-storey compared to unsprayed
and P. cinnamomi-free plots which lacked these characteristics. It is hypothesised that
sites with a history of phosphite application (with surfactants such as Pulse which
enhance uptake by plants) are leading to increased growth and biomass production of
plant species within treated areas, at least in the short-term. This is most probably due
to the increased soil P levels which are below phytotoxic levels as is the case in GRNP
study site.
This study clearly demonstrated that long-term phosphite application, although
successfully mitigating the negative impacts of P. cinnamomi, have an unwanted side-
effect. This side-effect is in the form of increased soil phosphorus levels through direct
contact of phosphite with the ground and subsequent “fixing” or by the slow
decomposition of plant tissue which is accumulates the fungicide. The following
chapter discusses the deleterious effects of direct/indirect phosphate accumulation and
phosphite application on the vegetation communities in GRNP study site.
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CHAPTER 3 – THE EFFECTS OF LONG-TERM PHOSPHITE
APPLICATION ON HEALTHY AND PHYTOPHTHORA CINNAMOMI
INFESTED BANKSIA WOODLAND COMMUNITIES IN THE SOUTHWEST
OF WESTERN AUSTRALIA
3.1 INTRODUCTION
Terrestrial plants have evolved prominent nutrient acquisition strategies due to their
close relationship with soils upon which they grow (Hopper and Gioai, 2004). These
strategies include the direct uptake of nutrients by roots or indirect uptake via
mycorrhizal associations with various fungi. Global floristic data associate 86 - 94 %
of plants with some form of mycorrhiza (Lambers et al., 2010). In contrast, non-
mycorrhizal species grow in disturbed habitats or have formed adaptations to cope with
low phosphorus levels such as carnivory, parasitism and cluster-root formations
(Chapter 2). Southwest of Western Australia (SWWA) is an OCBIL – old, climatically
buffered infertile landscape – and the flora of this region has adapted to this tectonic
quiescence lead infertility over millions of years (Lambers et al., 2011). Phosphorus,
above all, is the most deficient nutrient and has shaped the vegetation communities
over time (Hauer and Spencer, 1998; Lambers et al., 2010).
With a myriad of habitats and climatic conditions, the Southwest Australian Floristic
Region (SWAFR), the ecological goldmine of SWWA, is highly diverse, rare and
endemic (Hopper and Gioia, 2004). Consequently, the SWAFR is one of the 35 global
biodiversity hotspots (Mittermeier et al., 2011) due to the great floristic diversity
which is also highly threatened, from fragmentation, exotic pathogens and other
negative anthropogenic activities (Mittermeier et al., 2011). One of the biggest
ecological threats facing this region is the introduced oomycete pathogen P.
cinnamomi (Shearer and Crane, 2009). The pathogen has been decimating rare and
endangered flora in SWWA (and rest of Australia) for decades and phosphite has been
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shown to control the spread and impact of this pathogen (Howard et al., 2000;
Wilkinson et al., 2001; Lucas et al., 2002).
Twenty-four of the 55 Threatened Ecological Communities (TECs) within the SWAFR
are infested by P. cinnamomi. Fifty-eight percent of these communities are either
endangered or critically endangered (Shearer et al., 2012). Phosphite is applied to these
TECs either through trunk-injection or most commonly via foliar spraying (Shearer
and Crane, 2009; Shearer et al., 2012). Some of these TECs have been sprayed with
the fungicide for more than a decade such as the GRNP study site to suppress the
effects of P. cinnamomi. Spraying commenced in 1996 for the site with the last
application in 2010 (Sarah Barrett, pers. comm. 2012).
Since phosphite is converted to phosphate by soil microbes (Thao and Yamakawa,
2009) it was proposed that native ecosystems such as the GRNP study site, which have
received such high exposure to phosphite, would have altered vegetation communities
due to excess phosphate input (Richards et al., 1997; McGrechen and Lewis, 2002;
Thao and Yamakawa, 2009). Such communities would, presumably, be dominated by
more phosphorus tolerant species. Above all, there are two potential deleterious effects
from such long-term phosphite application.
Firstly, there is a potential for direct phytotoxicity from phosphite application as some
species are sensitive to this fungicide. Secondly, there is a potential for “fertilisation”
effect from the oxidation of phosphite when it directly reaches the soil surface and
becomes assimilated in the soil. Another proposed way is when the plants that are
mostly accumulating the phosphite senesce and become part of the leaf-litter or when
an intense wildfire razes the vegetation to an ashbed. The current study aimed to
ascertain whether phosphite application and the subsequent phosphate accumulation
over the last 14 years together with the absence and presence of P. cinnamomi has
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changed the health and floristic diversity of the study site? More specifically the
following hypothesis was tested:
Hypothesis 3 - Long-term phosphite application does not change flora
health and diversity in native ecosystems.
3.2 MATERIALS AND METHODS
3.2.1 Study site and experimental design
Study location
The study site was located in the GRNP, situated in the South Coast Region of Western
Australia (coordinates: 50 H 590160 6126404 and 50 H 590144 6126205 Universal
Transverse Mercator) (Figure 3.1). The site was adjacent to Ledge Beach Road and is
part of the B. coccinea Shrubland/Eucalyptus staeri/Sheoak Open Woodland biome
(Sandiford and Barrett, 2010). The study area has not been subjected to control-
burning or natural wildfires in the last 14 years since phosphite application had started.
This means that most of the phosphite is still probably stored in plant tissue due to the
dense vegetation cover in the study site intercepting the phosphite before it can reach
the soil surface. The leaf-litter may have also contributed in phosphite’s oxidation to
phosphate through decomposition.
Figure 3.1a – Position of Gull Rock National Park (GRNP) study site in SWWA (adapted from
Amazingalbany.com.au, 2012).
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Figure 3.1b – Inset picture of the Gull Rock Nat. Park (GRNP) study site adjacent to Ledge Beach
Road (Kalgan, Western Australia) (Adapted from Department of Environment and Conservation,
unpublished data). The horizontal lines on the left depict the phosphite sprayed and P.
cinnamomi-free site; adjoining site is the phosphite sprayed and P. cinnamomi infested treatment.
The firebreak in the middle forms a barrier between unsprayed and P. cinnamomi infested site
and the unsprayed and P. cinnamomi-free plots (diagonal lines).
The study site has a fire-break separating the unsprayed and Phytophthora infested
plots from the infested and phosphite sprayed and the phosphite sprayed plots (Figure
3.2)
Figure 3.2a – Firebreak separating the treatment plots. As can be seen phosphite application has
had a tangible impact on the canopy and vegetation density as evidenced by B. coccinea plants.
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Figure 3.2b – An example of the 25 m2 unsprayed and P. cinnamomi-free plot.
Figure 3.2c – An example of the unsprayed and P. cinnamomi infested plot. The foreground
depicts the P. Cinnamomi infestation; whilst, the background shows uninfested ground. The trail
of destruction left behind by the pathogen is evident looking at the front’s movement ‘north’ of the
photograph.
Figure 3.2d – An example of the phosphite sprayed and P. cinnamomi infested plot. The
vegetation was faring well compared to the infested plots alone.
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Figure 3.2e –An example of a phosphite sprayed and P. cinnamomi-free plot. The vegetation was
considerably denser in this part of the study site.
Experimental design
In 1996, the study site was broken down into four treatments: (i) unsprayed and
Phytophthora cinnamomi-free; (ii) unsprayed and P. cinnamomi infested; (iii)
phosphite sprayed and P. cinnamomi infested; (iv) phosphite sprayed and P.
cinnamomi-free. Briefly, the phosphite sprayed plots were sprayed annually from an
aircraft using 24kg/ha Foli-R-Fos 400 phosphite (U.I.M. Agrochemicals (Aust.) Pty.
Ltd.) with 1% Synertrol oil (Organic Crop Protectants, Australia) as a sticking agent.
The phosphite treatments were sprayed annually at these rates until 2010 (Sarah Barrett,
2011, pers. comm.).
Vegetation survey
In order to determine if phosphite treatments have changed the vegetation community
structure each of the treatment sites were analysed for species composition and canopy
closure. It was crucial to understand the pathogen-environment-host dynamic in this
ecosystem to ascertain the impact of phosphite on P. cinnamomi infested and non-
infested vegetation. The vegetation survey was conducted in mid May and late June
2011 during winter. Briefly, a 120m transect line was established across each of the
four treatments, and along each transect line ten 25 m2 plots were established
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systematically (Figure 3.3). Each plot had a “buffer zone” of seven metres, mid-point-
to-mid-point, and an exclusive boundary of five metres running parallel to each
quadrat (Figure 3.3). These were precautionary measures to eliminate duplicate
sampling.
Figure 3.3 – Locations of each of the plots with respect to treatments: unsprayed and P.
cinnamomi-free plots (■); unsprayed and P. cinnamomi infested plots (■); phosphite sprayed and
P. cinnamomi infested plots (■); phosphite sprayed and P.cinnamomi-free plots (■). The distance
between the mid-points of adjacent plots was seven meters and a five meter buffer-zone was
created in an east-west orientation to eliminate double-sampling.
Plant species abundance counts: In each 25 m2 plot, five 1m X 1m quadrats were
used to survey the vegetation. The quadrats were placed in the four corners and the the
centre of each 25 m2 plot. All plant species and their numbers in each quadrat were
recorded and representative samples were collected, tagged and stored in a field
herbarium for identification. Where necessary, Dr. Sarah Barrett and Mr. Damien
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Rathbone (Albany Department of Environment and Conservation Officers) assisted in
the identification of plant species.
Biomass assessment: In order to determine if phosphite treatment was impacting on
the biomass of the site five 1m X 1m quadrats were randomly harvested in the
unsprayed and P. cinnamomi-free plots and the phosphite sprayed and P. cinnamomi-
free plots. Briefly, this involved harvesting at ground level all non-woody and
herbaceous species; woody species and trees were not harvested. The plants were
harvested by pruning shears and all plant material for each plot was bagged separately
and immediately weighed before being returned to the laboratory. In the laboratory, the
samples were then dried at 37 °C for three weeks then weighed, to obtain a dry weight.
Leaf-litter cover: Leaf-litter cover was assessed as percent ground covered by
decomposing vegetation: leaves, logs, dead trees/plants. A percentage was allocated to
each 25 m2 plot in each treatment based on the amount of senesced/decomposing
vegetation covering the ground.
Canopy closure: In order to determine whether phosphite P. cinnamomi had an
individual and synergistic impact on the canopy cover across the treatments, canopy
closure was assessed according to Crane and Shearer (2007). Canopy closure is ‘the
hemisphere of the sky obscured by vegetation when viewed from a single point’
(Crane and Shearer, 2007) (Figure 3.8). It is a direct measure of the canopy cover.
Canopy closure data were obtained using digital hemispherical photography images.
Briefly, a digital Nikon Coolpix 4500 camera with a FC E8 fisheye converter Nikon
lens with polar projection was used to take hemispherical photographs at 1.25 m above
ground level from the centre of each of the ten plots for each of the four treatments.
The images were analysed using Gap Light Analyser software (Simon Fraser
University, Institute of Ecosystem Studies) to measure the canopy openness. Briefly,
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the software coverts the digital image into high contrast black and white copies which
are affected by the background sky conditions. The threshold levels of the black
canopy pixels are adjusted against white background sky to measure the canopy
openness (Canopy closure = 100% - Canopy openness). Therefore, the images were
taken during uniform overcast early morning (7am - 9am) conditions when the light
conditions do not interfere with background sky threshold levels.
Statistical analyses
The abundance data collected from vegetation sampling were fourth-root transformed
and used to identify any significant vegetation communities in the study site. To do
this multivariate similarity matrix analysis was performed to calculate a measure of
similarity coefficients between the vegetation of the four treatments in the GRNP study
site using Primer-E software version 6 (Plymouth Marine Laboratory).
In order to better represent the rarer and midrange plant species in the four treatments
and to not let dominant species overwhelm the analysis, fourth root transformation was
necessary (Quinn and Keough, 2001). This down-weighting of the more common
species in relation to rarer and midrange ones was used to perform the species diversity
(Figure 3.4) for the four treatments. The similarity matrix was used to display a 2-
dimensional ordination employing non-metric Multidimensional Scaling (nMDS) and
the agglomerative hierarchical clustering analysis (dendrogram) (Figure 3.7).
To understand the nMDS it is crucial to understand “stress” value of the plot.
Deviation from the “line of best fit” determines how accurately nMDS can be
interpreted. A stress value greater than 0.3 is very arbitrary; a stress value of <0.2
(ideally <0.1) is, however, sufficient to make correct interpretation about the line of
best fit. Simlarly, the plot resemblance reduces with increasing distance between the
points in the display. These two points are crucial in understanding and interpreting the
nMDS plot (Quinn and Keough, 2001).
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These non-parametric statistical techniques reflect resemblance of different sampling
units (e.g., plots) depending on how far they are from each other and common species
between, respectively. ANOSIM was also performed to complement the preceding
analyses. The SIMPER analysis function was also used to identify the dominant and
rare species using the non-transformed abundance data as well as the Shannon
diversity index and the Evenness index. ANOVA was also performed on the leaf-litter
data compiled for phosphite sprayed and unsprayed plots (both P. cinnamomi-free). A
cumulative species richness graph was also compiled from the abundance data which
helped form the floristics table.
SPSS Version 17 was used for the One-Way ANOVAs where indicated. Statistical
significance was always p < 0.05, except where stated otherwise. The independent
variable in each case was the treatments. The dependent variables were the following,
depending on the analyses: canopy closure, biomass, and leaf-litter cover.
3.3 RESULTS
3.3.1 Floristic diversity
Vegetation sampling
Floristic details were recorded in the form of species abundance data. Seventy-three
identified and six unidentified species were recorded in the Gull Rock National Park
study site (Table 3.1). The species compositions differed in each of the four treatments
but most were non-woody and woody shrubs and herbs. With diverse flora and
ecosystem structure and an accentuated biological threat from P. cinnamomi this site is
a Priority 1 (Threatened) Ecological Community (Sandiford and Barrett, 2010). The
study site is dominated by Allocasuarina fraseriana, E. staeri, B. attenuata and B.
illicifolia forming the top-storey over the B. coccinea open/closed heaths, mixed
sedgeland and open herbland.
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Table 3.1
Floristics summary of Gull Rock National Park (GRNP) study site, with canopy cover and understorey strata (Adapted from Sandiford and
Barrett, 2010).
Canopy Understorey shrubs Sedges/Rushes Herbs
Trees/Mallee shrubs (<10m) Medium (>2m) Small (1-2m) Ground cover (0.5-1m) Ground cover (<0.5m)
Eucalyputus staeri Banksia coccinea Jacksonia spinosa Xanthosia rotundifolia Andersonia micrantha Lyginia barbata Dasypogon bromelifolius
Allocasuarina
fraseriana Melaleuca thymoides Leucopogon gracilis Needhamiella pumilio Anarthria scabra Cassytha racemosa
Banksia attenuata Adenathos cuneatus Hypocalymma strictum Petrophile rigida Anarthria prolifera Conostylis serrulata
Nuytsia floribunda Adenanthos obovatus Franklandia fucifolia Petrophile acicularis Anarthria gracilis Stylidium repens
Banksia illicifolia Davisia flexuosa Leucopogon 5 Astroloma species Hypolaena fastigiata Johnsonia teretifolia
Leucopogon rubricaulis Banksia nutans Hibbertia pulchra Schoenus caespititus Drosera erythorhiza
Latrobea glabrescens Hibbertia depressa Dampiera pedunculata Mesomelaena gracilipes Drosera menziesii*
Agonis theiformis Darwinia vestita Amanita sp 1 mushrooms Cyathochaeta equitans Conospermum caeruleum
Lysinema ciliatum Coltricia mushrooms Sedge 6 Xanthosia huegelii
Tetratheca setigera Dermocybe mushroom Sedge 7 Lomandra nigricans
Andersonia caerulea Galerina mushrooms Sedge 9 U3
Hypocalymma angustifolium Hygrophorus mushroom Trichoryne elatior U4
Gompholobium venustum
Lactarius eucalypti
mushroom U7
Marasmeous mushrooms Xanthosia sp
Omphalotus nidiformis
mushroom Burchardia umbellata
Orchid 1 Platysace pendula
Orchid 3 Lomandra integra
Amanita sp 2 mushrooms Lomandra 3
Pterostylis vittata Haemodorum spicatum
Amanita sp 3 mushrooms Amperea ericoides
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Species richness and diversity and the impact of phosphite and P. cinnamomi
A stress value of 0.19 was calculated for the 2-dimensional nMDS plot (Figure 3.4). This
was reduced to 0.15 by adding a third dimension. However, a 3-dimensional plot made
interpreting the plot difficult, therefore, the 2-dimensional plot was used which is still a
decent ordination with minimal room for misinterpretation (Quinn and Keough, 2001).
The nMDS plot shows the indirect impact of phosphite on the vegetation communities of
GRNP study site.
Figure 3.4 – Vegetation communities depicted by a 2D Multidimensional Scaling ordination plot. This
plot is based on the abundance data transformed to Bray-Curtis similarity indices (stress = 0.19). The
species richness is shown for unsprayed and P. Cinnamomi-free plots (■); unsprayed and P. cinnamomi
infested plots (■); phosphite sprayed and P. cinnamomi infested plots (■); phosphite sprayed and P.
cinnamomi-free plots (■). The "S" refers to each individual plot. The clades are grouped based on
percent similarity. The further the plots are from each other the more dissimilar they become.
The four treatments in GRNP have great variability in their vegetation assemblages
(Figure 3.4). Phosphite sprayed and P. cinnamomi-free plots shares its floristic diversity
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with all the other three treatments the most. Looking at the nMDS plot, the unsprayed and
P. cinnamomi-free plots form the most distinct community. It only shares similar species
to phosphite sprayed and P. cinnamomi-free treatment in plots 1, 7 and 8. For the
unsprayed and P. cinnamomi-free plots there are two distinct clades. This is because a
single transect line was not possible for this treatment, since the Phytophthora front did
not leave enough buffer zone between the plots for hemispherical photography (Figure
3.3). This meant that the unsprayed and P. cinnamomi-free plots had to be split and were
not in a single transect line, hence the two distinct clades.
The nMDS plot suggests that plots 22, 23, 27 and 29 from the phosphite sprayed and P.
cinnamomi infested site (Treatment 3) share 60 % similarity with the unsprayed and P.
cinnamomi infested site (Treatment 2). The common denominator here was the
Phytophthora infestation in the two sites. However, none of the plots from the unsprayed
and P. cinnamomi infested site have similar species to the other three treatments.
Phosphite sprayed and P. cinnamomi-free plots, on the other hand, shares similar species
in plot 32 with the unsprayed and P. cinnamomi-free site only. However, plots 1, 7 and 8
from the unsprayed and P. cinnamomi-free site and plots 24, 27 and 30 share 60%
similarity in species diversity with the phosphite sprayed and P. cinnamomi-free sites.
Therefore, there is a strong trend of species forming communities based around
Phytophthora infestation, phosphite accumulation and absence of both.
Species richness in the unsprayed and P. cinnamomi-free site appears to be marginally
higher compared to the unsprayed and P. cinnamomi infested site and the phosphite
sprayed and P. cinnamomi-free plots, both of which have almost identical species richness.
However, the most intriguing trend is the relatively high species richness in the phosphite
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sprayed and P. cinnamomi infested site which has been assimilating phosphorus from the
longer than a decade phosphite application and fighting P. cinnamomi infestation (Figure
3.5). However, the species richness between the treatments was not significant (F(3, 36) =
2.163, p = 0.109).
Figure 3.5 –Cummulative species richness from 5x1m2quadrats obtained from each plot for each
treatment. The plot numbers 1-10 signify the ten plots used in each treatment, which were: unsprayed
and P. cinnamomi-free plots (■); unsprayed and P. cinnamomi infested plots (■); phosphite sprayed
and P. cinnamomi infestedplots (■); phosphite sprayed and P. cinnamomi-free plots (■).
The Shannon-diversity index ranges from 0 (only one species is present so no uncertainty
to which species a randomly picked individual belongs to) to 4.5 (where all the species are
well represented so high uncertainty) (Hill, 1973; Keylock, 2005). The fewer disturbances
in an environment the higher the index value is across the four treatments. Evenness, on
the other hand, is a measure of how comparable the Shannon-diversity of communities is
across the four treatments. The Evenness index when closer to 0 indicates most species are
rare and only few are abundant, while a number nearing 1 means the species are more
common and abundant (Figure 3.6) (Hill, 1973; Keylock, 2005).
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Figure 3.6 – Mean Shannon-diversity (A) and Evenness (B) for the four treatments. The bars represent
the standard error of the means.
The Shannon-diversity index suggests that the unsprayed and P. cinnamomi infested site
has the lowest species diversity when compared to the other three treatments. This means
that it is difficult to predict which species a randomly picked individual belongs to
compared to the other three treatments. This is because the plant species present are rare
and sparsely distributed.
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Interestingly, the phosphite sprayed and P. cinnamomi infested site had the highest
Shannon-diversity and the second lowest Evenness index compared to the other three
treatments. This means that this site has the highest species diversity and most species are
well represented compared to the other treatments. Both the unsprayed and P. cinnamomi-
free site and the phosphite sprayed and P. cinnamomi-free site had identical Shannon-
diversity and Evenness indices. The Shannon-diversity was high between the
aforementioned treatments but the Evenness index was higher still.
Phosphite accumulation and P. cinnamomi infestation – the confounding factor
To better understand the abundance and species richness of vegetation among the four
treatments an hierarchical agglomerative clustering analysis of the ten plots in each of the
four treatments was performed (Figure 3.7). The Bray-Curtis similarity coefficients were
obtained from fourth root transformation of the abundance data as in the case of nMDS
plot. Dendrograms assemble sampling units (e.g., plots) based on how similar they are to
each other compared to those in different groups (Sugihara et al., 2003).
69
Figure 3.7 – Dendrogram showing hierarchical clustering of the Bray-Curtis similarity between the
average of forty 1m X 1m (n=5) vegetation quadrats in GRNP. Where, “S” stands for the sample
analysed, in this case plot species abundance, and the corresponding plot number next to it. S1 to S10
are from the unsprayed and P. cinnamomi-free plots; S11 to S20 are from the unsprayed and P.
cinnamomi infested plots; S21 to S30 are from the phosphite sprayed and P. cinnamomi infested plots,
and S31 to S40 are from the phosphite sprayed and P. cinnamomi-free plots.
The dendrogram (Figure 3.7) revealed close to 60 % of all the species were similar in all
the four treatments same as the nMDS plot which also showed this level of inter-plot
similarity within each treatment. Most of the species had formed a distinct vegetation
community in the phosphite sprayed and P. cinnamomi-free site. The unsprayed and P.
Cinnamomi-free plots appear to share a lot of similarity with the former treatment and
appear to have formed a community. Similarly, unsprayed and P. cinnamomi infested and
the phosphite sprayed and P. cinnamomi infested plots have common species, as well.
Therefore, it appears that, three distinct vegetation assemblages have formed in the GRNP
study site. Within these three major clades, sub-groups have also formed (Figure 3.7).
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ANOSIM analysis was carried to find out, with greater certainty, the similarity between
the vegetation assemblages (Table 3.2).
Table 3.2 ANOSIM values of the species diversity comparison between the four
treatments where 1 = Unsprayed and P. cinnamomi-free
plots; 2 = Unsprayed and P. cinnamomi infested plots; 3 =
Phosphite sprayed and P. cinnamomi infested plots; 4 = Phosphite sprayed
and P. cinnamomi-free plots. When R>0.75, groups are well separated;
R>0.5 means groups are overlapping but clearly different; R<0.25 means
that the groups are indistinguishable (Clarke and Warwick, 2001).
Treatments
R-
statistic
Signifcance level
(%)
1 and 2 0.754 0.1
1 and 3 0.729 0.1
1 and 4 0.429 0.1
2 and 3 0.44 0.1
2 and 4 0.819 0.1
3 and 4 0.77 0.1
Most distinct groups, according to ANOSIM analysis, are the unsprayed and P. cinnamomi
infested plots (Treatment 2) and the phosphite sprayed and P. cinnamomi-free plots
(Treatment 4), followed by the phosphite sprayed and P. cinnamomi infested plots
(Treatment 3) and the phosphite sprayed and P. cinnamomi-free plots (treatment 4). The
species in the unsprayed and P. cinnamomi-free plots (Treatment 1) overlap with the
species in the phosphite sprayed and P. cinnamomi-free plots (Treatment 4) but they are
‘clearly different’ according to Clarke and Warwick (2001).
The common and the rare species of GRNP
To understand the relationship of the vegetation to the biotic/abiotic factors, chiefly,
phosphite and P. cinnamomi, SIMPER analysis was performed. The most dominant plant
families in the study site are Anarthriaceae, closely followed by Cyperaceae, Myrtaceae,
Proteaceae and, lastly, the Asparagaceae (Table 3.3). The most common (and abundant)
species between the treatments were the rhizomatous sedges and rushes Anarthria scabra,
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Cyathochaeta equitans, Lyginia barbata, Schoenus curvifolius, followed by Melaleuca
thymoides (Table 3.3).
The Proteaceae species primarily asserted some dominance in unsprayed and P.
cinnamomi-free plots. The proteacous plants were very rare in the phosphite sprayed and P.
cinnamomi-free plots. Unsprayed and P. cinnamomi infested plots, and the phosphite
sprayed and P. cinnamomi infested plots, had none of the Declared Rare Flora threatened
by direct or indirect impact of P. cinnamomi (Shearer et al., 2007). In the case of phosphite
sprayed and P. cinnamomi infested plots, J. spinosa, a phosphite sensitive and P.
cinnamomi susceptible species, was found to be contributing marginally more to the
community structure when compared to the unsprayed and P. cinnamomi infested plots,
alone (It should be noted that alive and dying species were included in the species counts).
Table 3.3 Average species similarity between 1m2 quadrats for the treatments.
Each treatment had N = 10 x 1m2 quadrats. The contribution and cumulative
cumulative contribution (in %) for each species shows their dominance and
rarity based on their average abundance.
Treatment 1: Unsprayed and P. cinnamomi-free plots
Average similarity: 53.49
Family Species Av.abund Av. sim Contrib% Cum.%
Anarthriaceae Anarthria scabra 2.4 13.86 25.9 25.9
Anarthriaceae Lyginia barbata 1.2 6.07 11.34 37.25
Proteaceae Banksia. coccinea 1.36 4.69 8.76 46.01
Anarthriaceae Anarthria prolifera 0.86 3.84 7.18 53.19
Sedge 7 Sedge 7 0.78 3.58 6.7 59.88
Myrtaceae Malaleuca thymoides 0.8 3.45 6.44 66.33
Dasypogonaceae Dasypogon bremifolius 0.58 2.63 4.92 71.25
Asparagaceae Lomandra nigricans 0.52 2.36 4.41 75.66
Cyperaceae Cyathochaeta equitans 0.8 2.2 4.11 79.77
Proteaceae Adenanthos cuneatus 0.26 1.07 2 81.77
Elaeocarpaceae Tetratheca setigera 0.34 1.05 1.96 83.73
Proteaceae Banksia nutans 0.28 0.98 1.82 85.55
Cyperaceae Schoenus curvifolius 0.36 0.83 1.56 87.11
Restionaceae Hypolaena fastigiata 0.34 0.83 1.55 88.66
Proteaceae Petrophile rigida 0.24 0.67 1.26 89.92
Myrtaceae Darwinia vestita 0.28 0.6 1.13 91.05
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Treatment 2: Unsprayed and P. cinnamomi infested plots
Average similarity: 55.13
Family Species Av.Abund Av.Sim Contrib% Cum.%
Droseraceae Drosera macrantha 6.2 13.68 24.81 24.81
Cyperaceae Cyathochaeta equitans 3.18 10.22 18.54 43.35
Anarthriaceae Anarthria scabra 2.34 6.58 11.93 55.28
Myrtaceae Malaleuca thymoides 1.54 4.74 8.59 63.87
Cyperaceae Schoenus curvifolius 1.62 4.36 7.91 71.78
Cyperaceae Mesomelaena gracilipes 0.94 2.26 4.1 75.88
Anarthriaceae Anarthria prolifera 0.9 2.22 4.03 79.91
Anarthriaceae Lyginia barbata 1.24 2.02 3.67 83.58
Fabaceae Jacksonia spinosa 0.64 1.28 2.32 85.9
Stylidiaceae Stylidium repens 0.96 1 1.81 87.71
Asparagaceae Lomandra integra 0.36 0.84 1.52 89.22
Dasypogonaceae Dasypogon bremifolius 0.24 0.69 1.25 90.48
Treatment 3: Phosphite sprayed and P. cinnamomi infested plots
Average similarity: 58.38
Family Species Av.Abund Av.Sim Contrib% Cum.%
Myrtaceae Malaleuca thymoides 3.02 10.38 17.78 17.78
Cyperaceae Cyathochaeta equitans 2.52 9.57 16.39 34.17
Anarthriaceae Lyginia barbata 1.94 6.69 11.46 45.63
Anarthriaceae Anarthria scabra 1.64 5.96 10.21 55.84
Cyperaceae Schoenus curvifolius 1.24 4.25 7.28 63.11
Stylidiaceae Stylidium repens 0.92 2.2 3.76 66.87
Asparagaceae Lomandra nigricans 0.82 2.14 3.66 70.53
Restionaceae Hypolaena fastigiata 0.9 2.12 3.64 74.17
Myrtaceae Darwinia vestita 0.56 1.47 2.52 76.69
Fabaceae Jacksonia spinosa 0.54 1.43 2.46 79.15
Ericaceae Leucopogon gracilis 0.48 1.43 2.45 81.6
Droseraceae Drosera macrantha 0.8 1.33 2.27 83.87
Apiaceae Xanthosia huegelii 0.56 1.19 2.05 85.91
Sedge 7 Sedge 7 0.42 1.08 1.86 87.77
Ericaceae Leucopogon obovatus 0.4 0.92 1.58 89.35
Coltriccia mushroom Coltricia mushroom 0.4 0.7 1.2 90.55
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Treatment 4: Phosphite sprayed and P. cinnamomi-free site
Average similarity: 59.96
Family Species Av.Abund Av.Sim Contrib% Cum.%
Cyperaceae Cyathochaeta equitans 2.5 11.21 18.7 18.7
Anarthriaceae Anarthria scabra 1.84 9.07 15.13 33.83
Anarthriaceae Lyginia barbata 1.82 8.32 13.88 47.71
Asparagaceae Lomandra nigricans 1.14 5.19 8.66 56.37
Myrtaceae Malaleuca thymoides 0.98 4.05 6.76 63.12
Cyperaceae Schoenus curvifolius 0.96 3.47 5.78 68.91
Sedge 7 Sedge 7 0.62 2.21 3.69 72.59
Proteaceae Adenanthos cuneatus 0.48 1.85 3.08 75.67
Anarthriaceae Anarthria prolifera 0.52 1.79 2.99 78.66
Droseraceae Drosera macrantha 0.68 1.51 2.53 81.19
Myrtaceae
Hypocalymma
angustifolium 0.5 1.13 1.89 83.08
Proteaceae Banksia nutans 0.26 1.07 1.79 84.87
Orchidaceae Pterostylis vittata 1.14 1.07 1.79 86.66
Liliaceae Burchardia umbellata 0.32 0.98 1.63 88.3
Stylidiaceae Stylidium repens 0.34 0.85 1.42 89.72
Dasypogonaceae Dasypogon bremifolius 0.26 0.84 1.4 91.12
Inter-treatment species dissimilarity was also analysed to compliment the intra-treatment
similarity data (Table 3.4). Therefore, multivariate analysis based on the untransformed
abundance data was performed, similar to Table 3.3, to determine the chief differences in
species composition between the different treatments.
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Table 3.4 Average species dissimilarity between 1m2quadrats for each of
the four treatments. Each treatment had N = 10 x 1m2 quadrats.
The contribution and cumulative contribution (in%) for each
species shows the difference in distribution in compared treatments.
Unsprayed and P. cinnamomi-free (T1) vs unsprayed
and P. cinnamomi infested (T2) sites
Average dissimilarity = 66.38
T1 T2
Species Av.Abund Av.Abund Av.Diss Contrib% Cum.%
Drosera macrantha 0.2 6.2 14.22 21.42 21.42
Cyathochaeta equitans 0.8 3.18 6.17 9.29 30.71
Banksia coccinea 1.36 0.06 3.22 4.84 35.55
Schoenus curvifolius 0.36 1.62 3.19 4.81 40.36
Lyginia barbata 1.2 1.24 2.74 4.13 44.49
Anarthria scabra 2.4 2.34 2.63 3.96 48.45
Mesomelaena gracilipes 0.02 0.94 2.38 3.58 52.03
Stylidium repens 0 0.96 2.23 3.36 55.39
Malaleuca thymoides 0.8 1.54 2.16 3.25 58.64
Sedge 7 0.78 0.02 1.99 2.99 61.64
Anarthria prolifera 0.86 0.9 1.57 2.36 63.99
Hypolaena fastigiata 0.34 0.44 1.42 2.13 66.13
Jacksonia spinosa 0.12 0.64 1.29 1.95 68.08
Pterostylis vittata 0.08 0.42 1.22 1.84 69.92
Agonis theiformis 0.2 0.46 1.19 1.79 71.72
Lomandra nigricans 0.52 0.24 1.08 1.62 73.34
Dasypogon bremifolius 0.58 0.24 1.01 1.52 74.86
Coltricia mushroom 0.02 0.4 0.99 1.49 76.35
Darwinia vestita 0.28 0.34 0.93 1.4 77.76
Leucopogon gracilis 0.02 0.38 0.88 1.33 79.09
Tetratheca setigera 0.34 0 0.87 1.3 80.39
Lysinema ciliatum 0.34 0.06 0.86 1.3 81.69
Lomandra integra 0.1 0.36 0.83 1.25 82.94
Xanthosia huegelii 0.02 0.3 0.75 1.13 84.07
Banksia nutans 0.28 0.02 0.69 1.03 85.1
Petrophile rigida 0.24 0.14 0.61 0.92 86.03
Drosera erithrorhiza 0.16 0.2 0.61 0.92 86.95
Hibbertia depressa 0.1 0.24 0.61 0.91 87.86
Adenanthos cuneatus 0.26 0.04 0.6 0.91 88.77
Conostylis serrulata 0.14 0.14 0.53 0.8 89.57
Hibbertia pulchra 0.16 0.08 0.46 0.69 90.26
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Unsprayed and P. cinnamomi-free (T1) vs Phosphite sprayed and P. cinnamomi
infested (T3) sites
Average dissimilarity = 61.01
T1 T3
Species Av.Abund Av.Abund Av.Diss Contrib% Cum.%
Malaleuca thymoides 0.8 3.02 6.16 10.09 10.09
Cyathochaeta equitans 0.8 2.52 5.01 8.21 18.3
Banksia coccinea 1.36 0.02 3.61 5.92 24.23
Lyginia barbata 1.2 1.94 2.67 4.37 28.6
Anarthria scabra 2.4 1.64 2.64 4.33 32.93
Schoenus curvifolius 0.36 1.24 2.6 4.27 37.2
Stylidium repens 0 0.92 2.52 4.13 41.33
Pterostylis vittata 0.08 0.8 2.17 3.55 44.88
Anarthria prolifera 0.86 0.14 2.02 3.32 48.2
Hypolaena fastigiata 0.34 0.9 2.01 3.3 51.5
Drosera macrantha 0.2 0.8 1.9 3.12 54.62
Xanthosia huegelii 0.02 0.56 1.54 2.53 57.15
Lomandra nigricans 0.52 0.82 1.51 2.48 59.63
Sedge 7 0.78 0.42 1.51 2.48 62.11
Leucopogon gracilis 0.02 0.48 1.29 2.12 64.23
Darwinia vestita 0.28 0.56 1.28 2.1 66.33
Jacksonia spinosa 0.12 0.54 1.28 2.1 68.43
Dasypogon bremifolius 0.58 0.26 1.13 1.85 70.27
Leucopogon obovatus 0 0.4 1.1 1.8 72.07
Coltricia mushroom 0.02 0.4 1.06 1.73 73.8
Drosera erithrorhiza 0.16 0.34 1.05 1.72 75.53
Lysinema ciliatum 0.34 0.1 0.99 1.63 77.15
Tetratheca setigera 0.34 0 0.94 1.54 78.7
Hypocalymma angustifolium 0.12 0.24 0.78 1.28 79.97
Agonis theiformis 0.2 0.26 0.77 1.26 81.24
Galerina Mushrooms 0 0.28 0.75 1.24 82.47
Banksia nutans 0.28 0.08 0.68 1.12 83.59
Orchid 3 0.04 0.24 0.68 1.12 84.71
Adenanthos cuneatus 0.26 0.1 0.6 0.99 85.7
Mesomelaena gracilipes 0.02 0.22 0.59 0.97 86.67
Petrophile rigida 0.24 0.06 0.58 0.95 87.62
Burchardia umbellata 0.1 0.18 0.55 0.9 88.52
Conostylis serrulata 0.14 0.26 0.55 0.89 89.41
Dampiera pedunculata 0.08 0.18 0.52 0.86 90.27
76
Unsprayed and P. cinnamomi infested (T2) vs Phosphite sprayed and P. cinnamomi
infested (T3) sites
Average dissimilarity = 52.56
T2 T3
Species Av.Abund Av.Abund Av.Diss Contrib% Cum.%
Drosera macrantha 6.2 0.8 10.92 20.78 20.78
Malaleuca thymoides 1.54 3.02 3.29 6.25 27.04
Lyginia barbata 1.24 1.94 2.76 5.26 32.3
Anarthria scabra 2.34 1.64 2.32 4.42 36.72
Cyathochaeta equitans 3.18 2.52 2.27 4.32 41.03
Stylidium repens 0.96 0.92 2.26 4.31 45.34
Pterostylis vittata 0.42 0.8 2.15 4.1 49.44
Hypolaena fastigiata 0.44 0.9 1.8 3.42 52.86
Mesomelaena gracilipes 0.94 0.22 1.68 3.19 56.05
Schoenus curvifolius 1.62 1.24 1.67 3.17 59.22
Anarthria prolifera 0.9 0.14 1.66 3.15 62.37
Lomandra nigricans 0.24 0.82 1.49 2.83 65.2
Xanthosia huegelii 0.3 0.56 1.05 2 67.2
Coltricia mushroom 0.4 0.4 1.05 1.99 69.19
Jacksonia spinosa 0.64 0.54 1.03 1.97 71.15
Agonis theiformis 0.46 0.26 1 1.91 73.07
Darwinia vestita 0.34 0.56 0.95 1.8 74.87
Drosera erithrorhiza 0.2 0.34 0.89 1.7 76.56
Leucopogon obovatus 0.16 0.4 0.87 1.66 78.22
Sedge 7 0.02 0.42 0.86 1.63 79.85
Leucopogon gracilis 0.38 0.48 0.83 1.58 81.43
Lomandra integra 0.36 0.18 0.67 1.27 82.7
Conostylis serrulata 0.14 0.26 0.59 1.11 83.81
Hypocalymma angustifolium 0.1 0.24 0.58 1.11 84.92
Galerina Mushrooms 0.02 0.28 0.58 1.11 86.03
Orchid 3 0 0.24 0.51 0.96 86.99
Hibbertia depressa 0.24 0.1 0.51 0.96 87.96
Dasypogon bremifolius 0.24 0.26 0.42 0.8 88.76
Dampiera pedunculata 0.08 0.18 0.4 0.77 89.53
Burchardia umbellata 0 0.18 0.37 0.7 90.23
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Unsprayed and P. cinnamomi-free (T1) vs Phosphite sprayed and
P. cinnamomi-free (T4)
Average dissimilarity = 52.30
T1 T4
Species Av.Abund Av.Abund Av.Diss Contrib% Cum.%
Cyathochaeta equitans 0.8 2.5 5.76 11.02 11.02
Banksia coccinea 1.36 0.2 3.65 6.98 18
Pterostylis vittata 0.08 1.14 3.44 6.59 24.59
Lyginia barbata 1.2 1.82 2.6 4.97 29.55
Anarthria scabra 2.4 1.84 2.49 4.75 34.31
Schoenus curvifolius 0.36 0.96 2.35 4.49 38.8
Lomandra nigricans 0.52 1.14 2.07 3.96 42.77
Drosera macrantha 0.2 0.68 1.96 3.76 46.52
Sedge 7 0.78 0.62 1.66 3.18 49.7
Malaleuca thymoides 0.8 0.98 1.66 3.17 52.88
Anarthria prolifera 0.86 0.52 1.65 3.16 56.03
Hypocalymma
angustifolium 0.12 0.5 1.5 2.87 58.9
Dasypogon bremifolius 0.58 0.26 1.26 2.41 61.31
Lysinema ciliatum 0.34 0.08 1.1 2.1 63.42
Stylidium repens 0 0.34 1.09 2.09 65.51
Tetratheca setigera 0.34 0 1.07 2.05 67.56
Adenanthos cuneatus 0.26 0.48 0.95 1.83 69.39
Hypolaena fastigiata 0.34 0.22 0.94 1.8 71.19
Burchardia umbellata 0.1 0.32 0.92 1.76 72.95
Darwinia vestita 0.28 0.22 0.86 1.65 74.6
Latrobea glabrescens 0 0.24 0.78 1.5 76.1
Xanthosia huegelii 0.02 0.22 0.77 1.46 77.57
Agonis theiformis 0.2 0.22 0.75 1.43 79
Petrophile rigida 0.24 0.1 0.74 1.42 80.42
Hibbertia pulchra 0.16 0.24 0.67 1.29 81.71
Banksia nutans 0.28 0.26 0.66 1.27 82.98
Lomandra integra 0.1 0.14 0.6 1.15 84.13
Drosera erithrorhiza 0.16 0.06 0.52 1 85.13
Franklandia fucifolia 0.02 0.16 0.49 0.94 86.06
Hibbertia depressa 0.1 0.12 0.44 0.84 86.9
Astroloma sp 0.04 0.12 0.41 0.78 87.68
Conostylis serrulata 0.14 0.04 0.41 0.78 88.45
Conospermum territifolia 0.12 0 0.39 0.74 89.19
Jacksonia spinosa 0.12 0.02 0.38 0.73 89.92
Banksia attenuata 0.06 0.1 0.36 0.69 90.61
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Unsprayed and P. cinnamomi infested (T2) vs Phosphite sprayed
and P. cinnamomi-free (T4) sites
Average dissimilarity = 56.37
T2 T4
Species Av.Abund Av.Abund Av.Diss Contrib% Cum.%
Drosera macrantha 6.2 0.68 12.15 21.55 21.55
Pterostylis vittata 0.42 1.14 3 5.33 26.88
Lyginia barbata 1.24 1.82 2.82 5 31.88
Cyathochaeta equitans 3.18 2.5 2.74 4.86 36.74
Anarthria scabra 2.34 1.84 2.37 4.21 40.95
Lomandra nigricans 0.24 1.14 2.16 3.84 44.79
Schoenus curvifolius 1.62 0.96 2.14 3.8 48.59
Stylidium repens 0.96 0.34 2.09 3.71 52.3
Mesomelaena gracilipes 0.94 0.1 2.04 3.62 55.92
Malaleuca thymoides 1.54 0.98 1.66 2.94 58.87
Sedge 7 0.02 0.62 1.43 2.53 61.4
Anarthria prolifera 0.9 0.52 1.39 2.47 63.87
Jacksonia spinosa 0.64 0.02 1.37 2.43 66.3
Xanthosia huegelii 0.3 0.22 1.1 1.95 68.25
Hypocalymma
angustifolium 0.1 0.5 1.08 1.91 70.16
Agonis theiformis 0.46 0.22 1.07 1.89 72.05
Hypolaena fastigiata 0.44 0.22 1.06 1.87 73.92
Adenanthos cuneatus 0.04 0.48 1.04 1.85 75.77
Lomandra integra 0.36 0.14 0.96 1.71 77.48
Coltricia mushroom 0.4 0.08 0.9 1.6 79.08
Leucopogon gracilis 0.38 0.06 0.81 1.43 80.52
Burchardia umbellata 0 0.32 0.76 1.35 81.87
Darwinia vestita 0.34 0.22 0.72 1.27 83.14
Latrobea glabrescens 0.02 0.24 0.58 1.03 84.17
Hibbertia pulchra 0.08 0.24 0.57 1.02 85.19
Banksia nutans 0.02 0.26 0.57 1.01 86.19
Hibbertia depressa 0.24 0.12 0.56 1 87.19
Drosera erithrorhiza 0.2 0.06 0.5 0.88 88.08
Petrophile rigida 0.14 0.1 0.42 0.74 88.82
Banksia coccinea 0.06 0.2 0.41 0.72 89.54
Conostylis serrulata 0.14 0.04 0.4 0.71 90.25
79
Phosphite sprayed and P. cinnamomi infested (T3) vs Phosphite sprayed
and P. cinnamomi-free (T4) sites
Average dissimilarity = 48.28
T3 T4
Species Av.Abund Av.Abund Av.Diss Contrib% Cum.%
Malaleuca thymoides 3.02 0.98 5.21 10.79 10.79
Pterostylis vittata 0.8 1.14 3.67 7.6 18.39
Cyathochaeta equitans 2.52 2.5 2.24 4.64 23.02
Drosera macrantha 0.8 0.68 2.07 4.29 27.32
Lyginia barbata 1.94 1.82 1.99 4.11 31.43
Stylidium repens 0.92 0.34 1.88 3.9 35.32
Hypolaena fastigiata 0.9 0.22 1.75 3.63 38.96
Xanthosia huegelii 0.56 0.22 1.71 3.55 42.5
Schoenus curvifolius 1.24 0.96 1.67 3.45 45.95
Lomandra nigricans 0.82 1.14 1.59 3.3 49.26
Anarthria scabra 1.64 1.84 1.42 2.95 52.21
Jacksonia spinosa 0.54 0.02 1.35 2.8 55.01
Hypocalymma
angustifolium 0.24 0.5 1.33 2.75 57.75
Leucopogon gracilis 0.48 0.06 1.12 2.32 60.07
Anarthria prolifera 0.14 0.52 1.07 2.23 62.3
Sedge 7 0.42 0.62 1.06 2.19 64.49
Adenanthos cuneatus 0.1 0.48 1.02 2.11 66.6
Leucopogon obovatus 0.4 0 1.01 2.09 68.68
Darwinia vestita 0.56 0.22 1.01 2.09 70.77
Drosera erithrorhiza 0.34 0.06 0.92 1.9 72.67
Coltricia mushroom 0.4 0.08 0.91 1.89 74.56
Burchardia umbellata 0.18 0.32 0.77 1.59 76.14
Galarina Mushrooms 0.28 0 0.69 1.43 77.58
Agonis theiformis 0.26 0.22 0.66 1.37 78.94
Lomandra integra 0.18 0.14 0.65 1.35 80.3
Latrobea glabrescens 0.06 0.24 0.64 1.33 81.63
Orchid 3 0.24 0 0.6 1.25 82.88
Conostylis serrulata 0.26 0.04 0.6 1.23 84.11
Hibbertia pulchra 0.06 0.24 0.58 1.2 85.32
Dasypogon bremifolius 0.26 0.26 0.56 1.16 86.48
Mesomelaena gracilipes 0.22 0.1 0.5 1.04 87.52
Banksia nutans 0.08 0.26 0.5 1.03 88.55
Banksia coccinea 0.02 0.2 0.49 1.01 89.56
Dampiera pedunculata 0.18 0.04 0.46 0.95 90.51
The biggest (66.38 %) dissimilarities in species contribution were between the unsprayed
and P. cinnamomi-free plots and unsprayed and P. cinnamomi infested plots. Banksia
coccinea was abundant in the unsprayed and P. cinnamomi-free plots. Since it is a P.
cinnamomi susceptible species its absence in unsprayed and P. cinnamomi infested plots is
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plausible. Similarly, P.cinnamomi resistant species (Groves et al., no date) like C. equitans,
S. curvifolius and M. gracilipes were more abundant in the unsprayed and P.cinnamomi
infested plots.
Dissimilarity between unsprayed and P. cinnamomi-free plots, phosphite sprayed and P.
cinnamomi infested plots, like the unsprayed P. cinnamomi-free plots and the unsprayed
and P. cinnamomi infested plots, showed that the Proteaceae did not grow in the phosphite
sprayed and P. cinnamomi infested plots. For example, B. coccinea is both susceptible to
the pathogen and moderately sensitive to the fungicide so it is possible that there is a
synergistic suppressive effect on the Proteaceae as a whole or that phosphite could not
induce host defense mechanisms. In contrast, pathogen-resistant species such as M.
thymoides, C. equitans, and A. prolifera were prospering in the P. cinnamomi infested and
phosphite sprayed plots.
The dissimilarity tables (Table 3.4) comparison of the unsprayed and P. cinnamomi
infested plots, the unsprayed and P. cinnamomi-free plots and the phosphite sprayed and P.
cinnamomi infested plots revealed that only the pathogen-resistant species were found in
the infested plots, such as M. gracilipes, A. prolifera, L. nigricans, L. integra, H.
angustifolium, with the sole exception of M. thymoides, which is susceptible to both P.
cinnamomi and phosphite phytotoxicity (Barrett et al., 2004; Groves et al., no date).
Most importantly, in the dissimilarity table for the unsprayed and P. cinnamomi-free plots
and the phosphite sprayed and P. cinnamomi-free plots, all the Proteaceae species were
only limited to the former plots. Comparing results from the unsprayed and P. cinnamomi-
free plots the phosphite sprayed and P. cinnamomi infested plots, herbaceous/non-woody
species appear to be increasing. These include: X. huegelii, D. macrantha, L. nigricans, S.
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curvifolius, P. vittata and C. equitans. All these species belong to the Apiaceae, Proteaceae,
Myrtaceae, Droseraceae, Asparagaceae, Cyperaceae, Orchidaceae and Cyperaceae,
respectively (Table 3.1).
3.3.2 Canopy closure, ground cover and biomass assessment as a measure of
vegetation health
Canopy closure was significantly (F(1, 18) = 29.815, p <0.001) greater in the phosphite
sprayed and P. cinnamomi-free plots compared to the unsprayed and P. cinnamomi-free
plots. However, there was no significant (F(1, 18) = 1.098, p = 0.308) increase in the canopy
closure between the unsprayed and P. cinnamomi infested plots and the phosphite sprayed
and P. cinnamomi infested plots (Figure 3.8a and 3.8b). The hemispherical digital
photographs suggest a trend of increasing canopy cover due to phosphite spraying and
consequent phosphate accumulation over the last 14 years GRNP study site.
Figure 3.8a – Mean percentage canopy closure calculated from 10 plots from each of the four
treatments. The bars represent the standard error of the means.
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Figure 3.8b – Examples of the hemispherical photographs taken from (A) unsprayed and P.
cinnamomi-free plots; (B) unsprayed and P. cinnamomi infested; (C) phosphite sprayed and P.
cinnamomi infested plots, and, (D) phosphite sprayed and P. cinnamomi-free plots.
Given that there was high primary productivity in the phosphite sprayed and P.
cinnamomi-free plots, it was considered necessary to obtain tangible biomass data (Figure
3.9) and leaf-litter cover assessment (Figure 3.10) for the relevant treatments as well. The
canopy closure data inferred that biomass is accumulating at a greater rate in the phosphite
sprayed and P. cinnamomi-free plots when compared to unsprayed and P. cinnamomi-free
ones. However, no significant (F(1, 8) = 1.719, p = 0.226) increase in plant biomass was
recorded between phosphite sprayed plots and the unsprayed plots (Figure 3.9). There is,
however, a general trend of increased biomass in the phosphite sprayed and P. cinnamomi-
free plots.
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Figure 3.9 – Biomass (kg/m2) recorded for the unsprayed and P. cinnamomi-free plots (■) and the
phosphite sprayed and P. cinnamomi-free plots (■) not including trees.
Based on the leaf-litter cover data there was no significant (F(1, 15) = 1.626, p = 0.222)
increase in cover levels were detected in the phosphite sprayed and P. cinnamomi-free
plots compared to the unsprayed and P. cinnamomi-free site (Figure 3.10). However, there
is an obvious trend showing a decline in leaf-litter levels caused by the pathogen P.
cinnamomi but there is also greater variability in the results for the pathogen affected plots.
Figure 3.9 – Leaf litter covering the ground in the four plots of the four treatments. The bars represent
the standard error of the means.
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3.4 DISCUSSION
This study showed that as a result of 14 years of phosphite application, and the presence of
P. cinnamomi, distinct plant communities have formed across the study site at GRNP.
This indicates the phosphite has either accumulated in the soil (from decomposing
senesced leaves) and/or the phosphate sensitive species within the Proteaceae are
recognising phosphite in their tissues as phosphate, which in turn is suppressing the
phosphate starvation response leading to a decline in these species where phosphite has
been applied. This effect is further exacerbated by the presence of P. cinnamomi.
Species diversity is a measure of both species richness (no. of species) and their relative
contribution to the total number individuals in a community (Evenness), (Hill, 1973;
Keylock, 2005). The Shannon-diversity index takes both, species richness and their
relative abundance, into account in order to determine whether a randomly picked
individual will be of a given species (Hill, 1973; Keylock, 2005). Shannon-diversity index
and the Evenness data (Figure 3.6) infer that there is a synergistic effect of phosphite and
the pathogen in shaping the plant assemblage in GRNP study site. The pathogen alone can
severely reduce species diversity and cause uneven distribution of the rarer/resistant
species. In contrast, phosphite does induce changes to the vegetation community but not to
the same degree as P. cinnamomi.
The dendrogram and the nMDS plot showed that there was a 60% overlap of species
between the four treatments. Based on the remaining 40% of species three distinct plant
communities have formed as a result of phosphite accumulation and pathogenic activities
of P. cinnamomi: half of unsprayed and P. cinnamomi plots have formed a distinct
community; the unsprayed and P. cinnamomi infested plots and the phosphite sprayed and
P. cinnamomi infested plots have formed a second vegetation community; whilst, the third
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vegetation community is an amalgamation of the remainder of unsprayed and P.
cinnamomi-free plots and the phosphite sprayed and P. cinnamomi-free plots.
It should be noted that plots 3, 4, 8 (from the unsprayed and P. cinnamomi-free plots) and
32 (from phosphite sprayed and P. cinnamomi-free) form a subclade as do plots 1, 7, 30,
35 and 38. The plots mentioned from unsprayed and P. cinnamomi-free site were from the
very densely vegetated parts with greater leaf-litter coverage. This means that these sites
could well have a relatively greater soil phosphorus levels similar (?) to the phosphite
sprayed and P. cinnamomi-free plots. The common denominator here is soil phosphorus
and elevated soil P levels appear to be behind the pattern of vegetation community
formation.
ANOSIM values also suggest that the unsprayed and P. cinnamomi infested plots and the
phosphite sprayed and P. cinnamomi-free plots have the biggest differences in species
assemblage which are unique and distinct from each other. Similarly, the phosphite
sprayed and P. cinnamomi infested plots and the phosphite sprayed and P. cinnamomi-free
plots also form a distinct plant community. The Phytophthora infestation has reduced
species diversity in the GRNP study site. The decade longer phosphite application has only
made it possible for phosphite/phosphate/phosphorus tolerant species to survive. One can
say, with certainty that both phosphite and P. cinnamomi have resulted significantly
(p<0.001) different vegetation assemblages to develop. These are: phosphite
sensitive/tolerant and P. cinnamomi resistant/susceptible. However, phosphite alone does
not seem to have shaped the community structure on its own to a very high degree but it
has changed, nonetheless.
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The SIMPER analysis concluded that the majority of proteaceous species were only
limited to the unsprayed and P. cinnamomi-free plots and the unsprayed and P. cinnamomi
infested plots in the GRNP study site. The exception to this is Banksia attenuata which
was 40% more abundant in the phosphite sprayed and P. cinnamomi-free plots. Overall,
the significantly elevated phosphorus levels (Chapter 2) have limited these species (and
most of the Proteaceae) to the fringes of unsprayed and P. cinnamomi-free plots and and
the unsprayed and P. cinnamomi infested plots.
The schlerophyllous vegetation of SWWA has been acclimatised to the very low
phosphorus levels in the soil (Chapters 1 and 2) due to physiomorphological adaptations
such as cluster roots and root exudates. As some Proteaceae species can not down-regulate
phosphate uptake (Shane and Lambers, 2006) their gradual disappearance from the
phosphite sprayed plots is understandable. This is, likely, due to the oxidation of phosphite
into phosphate either after the decomposition of phosphite bearing leaves or through direct
accumulation after spraying.
A species list of phosphorus tolerant and sensitive species has been formed based on
whether a species had been recorded 50% more or less in the phosphite sprayed and P.
cinnamomi-free and the unsprayed and P. cinnamomi-free sites (Table 3.5). These data
were based on the average abundances data from SIMPER analysis (Tables 3.4). All the
species in the Proteaceae family belonged to the sensitive list. However, B. attenuata was
most frequently recorded in the phosphite sprayed and P. cinnamomi-free plots. Chapter 2
also established that the photosynthesis rates and tissue total phosphorus levels were
significantly elevated for this species when compared to B. coccinea, which is limited only
to the unsprayed and P. cinnamomi-free plots.
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Barrett (2001) listed A. cuneatus, B. attenuata, B. coccinea and J. spinosa (in ascending
order) as phosphite sensitive. The results of the present study confirmed these findings.
Both A. cuneatus and B. attenuata preferred phosphite sprayed plots while B. coccinea and
J. spinosa were only present in small numbers in phosphite sprayed plots. Another
important trend is that most ‘tolerant’ species are mycorrhizal (Brundrett, 2008). This is a
sign of disturbed soils in which plants require easier P acquisition strategies as plant-
available phosphorus is relatively high (Lambers et al., 2010).
Table 3.5 List of phosphorus sensitive and tolerant species based
on the abundance data from phosphite sprayed and P. cinnamomi-free
plots and the unsprayed and P. cinnamomi-free plots.
Tolerant Sensitive
Adenanthos cuneatus Anarthria scabra
Banksia attenuata Banksia coccinea
Cyathochaeta equitans Conospermum teretifolia
Drosera macrantha Dasypogon bromeliifolius
Franklandia fucifolia Hypocalymma angustifolium
Latrobea glabrescens Jacksonia spinosa
Lomandra nigricans Lysinea cilliatum
Lyginia barbata Petrophile rigida
Melaleuca thymoides Tethratheca setigera
Pterosylis vittata
Schoenus curvifolius
Stylidium repens
Xanthosia huegelii
All the sensitive species are perennial shrubs and herbs forming the mid- and low-
understorey strata. This means that their disappearance from the sprayed sites would
permanently (and further) change the ecosystem structure and function (von Arx, 2012).
Banksia coccinea was the most threatened flora in the study site and appears to be very
sensitive to phosphite accumulation, both in planta and in the soil in the form of phosphate.
This is one of the most important ecosystem structure species, forming most of the
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‘woodland’ component of the biome and is also the most threatened species in the study
site and also a target of conservation efforts (Sandiford and Barrett, 2010).
The ‘tolerant’ species (Table 3.5) are also all perennial herbs and shrubs (except B.
attenuata which is a tree). This means that the most common species in the phosphite
sprayed and P. cinnamomi-free plots have already developed a tolerance or were innately
tolerant to excess P. Fourteen years of phosphite accumulation has likely changed the
ecosystem structure or with time has the potential to. All the species that were identified in
all four treatments are endemic. Therefore, it is safe to assume that the accumulation of
phosphite (in planta) has either killed the phosphite sensitive species or they have are
innately tolerant to high levels of phosphite.
Alternatively, significantly high plant-available phosphorus levels in soil due to the
conversion of phosphite to phosphate could be behind observed species distribution. Like
any population there are always going to be sensitive and tolerant individuals within
populations. The real question that this study raises is whether there is a selective pressure
effect of phosphite on the native plant community in GRNP study site? Is the excess soil P
level or phosphite accumulating in planta the cause behind this proposed and apparent
phytotoxicity?
Over the 14 years of phosphite treatment the pioneering plant species that could tolerate
excess phosphorus in the soil have managed to change the ecosystem structure. Based on
the evidence of distinct vegetation communities forming due to phosphite accumulation
and Phytophthora infestation, the ecosystem structure has changed in the study site. As
more species are tolerant to phosphite than there are sensitive species, it is also possible
that long-term studies of the ecosystem impacts of phosphite might reveal more tolerant
89
and sensitive species. It is, therefore, paramount to alter the phosphite application rates or
their frequency (at least) to form a balance between toxicity and the remedial properties of
phosphite, which would require further research.
Significantly higher canopy closure, a measure of canopy cover, implies that overall
phosphite sprayed and P. cinnamomi-free plots have a higher primary productivity
compared to unsprayed and P. cinnamomi-free plots. This is attributed to either greater
access to soil phosphorus levels or, to a lesser extent, a boosted immune system from
phosphite retention (McComb et al., 2008; Shearer et al., 2012). The former, in turn, has
helped the vegetation community to properly budget for carbon and water, two essential
chemical constituents for primary productivity. Increased canopy cover has also been
known to form a microclimate which mitigates ambient temperatures and also keeps soil
moisture relatively high, both of which are crucial for sustained primary productivity and
recruitment (Rosenberg et al, 1983; Woodward et al., 1995).
The tangible biomass analysis, however, yielded an ‘insignificant increase in biomass due
to phosphorus accumulation’ result. However, it should be noted that the biomass data
only had five replicates for phosphite sprayed and P. cinnamomi-free plots and unsprayed
and P. cinnamomi-free plots. The former plots had greater biomass variability (standard
error = 0.65) compared to the latter (standard error = 0.25). This could mean that with a
greater sample size it may have been possible to get an overall higher biomass
measurement for the treated plots. Secondly, hemispherical photography had twice the
replicate numbers for each treatment. Therefore, even if the biomass data shows no
increase, canopy closure does. This further supports the need to have greater sample size
in future studies when examining biomass.
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Most B. attenuata trees were between 10-12 years old based on the ‘Banksia node count’
technique (data not included) (Marsden-Smedly et al., 1999). However, leaf litter cover
and the actual biomass data (both of which are indicators of elevated primary productivity)
did not show significant increases between phosphite sprayed and P. cinnamomi-free plots
and unsprayed and P. cinnamomi-free plots. These two indicators were likely not
significant because sclerophyllous plants which dominate the vegetation assemblages and
senesce slowly, and their sample size was small.
Intrinsically, sclerophyllous plants tend to shed leaves at a slower rate (see Chapter 2)
which explains the lower leaf litter amount in the sprayed plots. The lower leaf litter cover
in the phosphite sprayed plots is attributed to the fact that more vegetation is covering the
ground compared to the unsprayed ones. Hence, it is possible that over time, more leaf
litter will accumulate at the ground level. The Phytophthora infested treatments had a lot
lower leaf litter levels, possibly because of the altered vegetation structure, favouring the P.
cinnamomi resistant herbaceous and woody shrubs than the large leafed tall trees/mallees.
To compliment the leaf tissue total phosphorus levels in the target species (Chapter 2) the
biomass samples were also prepared for the analysis of total phosphorus levels. However,
due to lack of time and resources total P levels were not determined and instead biomass
was only measured. Biomass measurements can be considered as a surrogate of P analysis
due to the fertilisation effect of phosphate. Since most of the phosphorus is tied to the
plants, increased primary productivity can also be associated with an increased potential
for fuel loading in the phosphite sprayed and P. cinnamomi-free plots (Marsden-Smedley,
1999).
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It is estimated that immediately post-wildfires soil phosphorus levels can increase five to
60 times (Hauer and Spencer, 1998). In low gradient watersheds, like the GRNP study site,
soil phosphorus levels would still persist in significant amounts 3-5 years after intense
bushfires (Hauer and Spencer, 1998). Five to 60-fold increased soil phosphorus levels are
for phosphite unsprayed ecosystems. Therefore, for an ecosystem that has been
accumulating phosphite for the last past 14 years in the biomass this could be very
detrimental for P sensitive species and plant communities. Although it is quite possible for
the proteaceous species to survive and thrive post bushfire as most are lignotuberous
(obligate reseeders/resprouters), but the excess soil phosphorus may either delay or
completely abort the propagules (Bell et al., 1993; Yoneyama et al., 2001; Sharma et al.,
2007). This has further implications as low species abundance and diversity would lead to
inbreeding depression. The genomic coalescence hypothesis proposes that chromosomal
mutations promote recessive lethal genes in inbreeding populations leading to increased
seed abortion (Hopper and Gioia, 2004). Therefore, further research is required on
propagules.
Another concern is weed invasion. Thirty-seven to 50 % of P is lost due to volatilisation as
P4O10 and the majority is leached or washed downslope in the form of white ash in
southern Californian pine forests after intense wildfires (Carter and Foster, 2004).
However, soil P levels spike significantly after bushfires, nonetheless. Species richness
and diversity is severely impacted by such disturbance events. Increased fire intensity and
frequency has been known to change herbaceous broad-leafed species to grassy ones. Most
importantly, species that can rapidly flourish would benefit the most, e.g., weed/noxious
species (Carter and Foster, 2004).
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The growth-rate hypothesis states that faster growing species (e.g., weeds) require more P-
rich rRNA molecules to synthesise protein (Carter and Foster, 2004). However, vascular
plants (e.g., sclerophylly) with inherently different growth rates adjust P requirements to
maintain rapid or efficient synthesis of proteins depending on soil P availability. Even
though ecosystem structure and function is severely threatened by the phosphite
accumulation and bushfires, overall, the net biomass is not altered (Carter and Foster, 2004;
Matzek and Vitousek, 2009).
Yu et al. (2012) found that Chenopodium glaucum, an annual fast-grower, had increased
growth-rate under high nutrient supply. This is because it is able to shift C:N:P ratio
(growth rate) to above ground biomass. However, the opposite effect was observed under
poor nutrient status. In contrast, Leymus chinensis, a perennial rhizomatous slow-growing
species only tolerated excess soil nutrients and grew slowly (Yu et al., 2012). With
diminished nutrient status, C:N:P ratio was shifted to the below ground biomass. Therefore,
slow-growers are better suited to infertile soils and vice versa for fast-growers and nutrient
status only shifts biomass and generally maintains equilibrium (Yu et al., 2012).
Watershed gradient also has an impact on soil phosphorus levels (Yates et al., 2003). The
GRNP study site is just ‘upslope of seasonally wet drainage lines’ (Sandiford and Barrett,
2010). Therefore, most of the phosphorus will flow down along the watershed and
accumulate downslope. Increased fuel loading has the greatest potential to ‘limit the plant
biomass by causing partial or total destruction’ and bring about major and possibly
catastrophic changes in species richness and composition (Yates et al., 2003).
It is of great importance to assess which of the two: P. cinnamomi or excess release of
nutrients, particularly phosphorus, has the greatest potential to change the diversity within
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the homogeneous habitats (α-diversity), along an environmental gradient (such as
Phytophthora infestation vs soil phosphorus levels) (β-diversity) and among similar
habitats across the landscape of the SWWA (γ-diversity) (Yates et al., 2003).
This study has disclosed the potentially detrimental latent effects of long-term phosphite
application. In the short-term P. cinnamomi poses the greatest threat to the biodiversity
and ecosystem health in GRNP study site. Currently, phosphite is mitigating the
devastating effects of the pathogen. However, with such long history of phosphite
application future environmental events, such as a wildfire, may severely degrade the
ecosystem structure and by extension, its function. Phosphite’s oxidation to phosphate
poses a real challenge for future natural resource management strategies and a paradigm
shift is called for to properly assess risk and benefit of this seemingly benign fungicide.
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CHAPTER 4 – THE DELETERIOUS EFFECTS OF ACUTE PHOSPHATE
ACCUMULATION IN THE SOIL THROUGH THE OXIDATION OF
PHOSPHITE ONWHITE LUPIN (LUPINUS ALBUS) DEVELOPMENT
4.1 INTRODUCTION
White lupin (Lupinus albus) is a legume that can modify its root architecture when P
starved (Cheng et al., 2011). Cluster-roots are the most important of such root
modification responses to low phosphorus (orthophosphate) (Raghothama, 1999). Other
important adaptations include increasing lateral root formation, root elongation and
increasing root-hair lengths (Lambers et al., 2011). The cluster roots in white lupins exude
large amounts of carboxylates (mainly citrate) to release occluded phosphate from soil
(Keerthisinghe et al., 1998; Raghothama, 1999; Esteban et al., 2003; Shen et al., 2003) via
chelation of the metals (Al, Fe and Ca cations) along with organic enzymes and acids as
discussed in detail previously (Chapter 1). Hence, this species has been extensively studied
for these characteristics (Esteban et al., 2003; Uhde-Stone et al., 2003; Shu et al., 2007;
Cheng et al., 2011; Lambers et al., 2011).
Phosphite is a fungicide that has been used to reduce the impact and spread of the
pathogen P. cinnamomi in native plant communities from SWWA (Chapters 1, 2 and 3).
Once phosphite reaches the soil it is used as a P source by soil microbes and oxidised to
phosphate (Thao and Yamakawa, 2009). In the GRNP study site phosphite has been
applied to reduce the impact and spread of the pathogen between 1996 to 2010. As
discussed in Chapter 3 the study site has not had a disturbance event such as fire to oxidise
the phosphite accumulated in the vegetation in the site. Since phosphite is not utilised by
plants but accumulates in their tissue the question should be asked what happens when a
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wildfire goes through, and returns this ‘extra’ P to the soil, or when plants senesce and
naturally decompose to release P?
White lupins tend grow rapidly in low-P soils accumulating large biomass and can survive
acidic conditions and form proteoid roots similar to many native SWWA species (Esteban
et al., 2003). These characteristics made white lupins an ideal candidate to assess the
effects of recently oxidised phosphite into phosphate on their ability to accumulate
biomass, shoot growth and successful seed germination rates. More specifically the
following hypothesis was tested:
Hypothesis 4 - Acute phosphate accumulation (from phosphite oxidation) does not
increase plant biomass, growth, and seed germination rates.
4.2 MATERIALS AND METHODS
4.2.1 Experimental design
A complete randomised block experimental design was adopted for this study (O’Gorman,
2001). The experiment constituted of nine blocks and seven treatments (9 blocks x 7
treatments = 63 replicates) (Table 4.1). However, for assay purposes the 2300 kg/ha
phosphite treatment was excluded from the dataset due to its very high toxicity with
respect to white lupin development. The seven treatments correspond to the number of
years of phosphite application that would likely accumulate if the phosphite application
rate is 24 kg/ha/annum. Therefore, 120 kg/ha = 24 x 5 years of phosphite application; 240
kg/ha = 24 x 10 years; 480 kg/ha = 24 x 20 years; 720 kg/ha = 24 x 30 years; 1440 kg/ha =
24 x 60 years, and, 2400 kg/ha = 24 x 100 years of phosphite application.
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Table 4.1 The completely randomised block design showing the setup of pot
replicates in the glasshouse study. Nine blocks were used to setup
seven treatments randomly (9x7=63 pots). The treatments were in
phosphite kg/ha.
Blocks Treatments
Block 1 Control 2400 1440 240 720 120 480
Block 2 120 Control 480 720 2400 240 1440
Block 3 1440 240 2400 120 480 720 Control
Block 4 480 Control 720 240 120 1440 2400
Block 5 2400 480 120 240 Control 720 1440
Block 6 Control 1440 480 720 240 2400 120
Block 7 720 2400 120 480 1440 720 240
Block 8 240 1440 720 120 2400 480 Control
Block 9 2400 Control 120 1440 480 720 480
Establishment of pots
Washed and moist river sand was pasteurised at 65 °C for 60 mins and once cool was
transferred into three litre free-draining polyurethane pots. A 1 m2 area was marked on a
concrete floor and for each phosphite treatment nine pots were placed equidistant from
each other in the marked area. A Microfit Herbi low volume spray applicator (Micron
Sprayers, Hereford, UK) was used to hand spray undiluted phosphite (600 g/L Agriphos
600, Agri-chem Pty Ltd) mixed with 0.1% Pulse (Nufarm Limited, Australia) surfactant as
used by the Department of Environment and Conservation when treating ‘threatened plant
communities’ and other sites infested with P. cinnamomi (McComb et al., 2008).
Phosphite application
The Herbi sprayer took 4 seconds to spray the equivalent of 24 kg/ha phosphite (400 g/L
Agriphos 400) at the rate of 1.78 mL/s/m2 (Shearer and Crane, 2009). To calibrate the
Herbi for the current experiment, flow rates of the four nozzles were analysed. The blue,
yellow, orange and red nozzles had flow rates of 1.83 mL/s, 2.66 mL/s, 4.58 mL/s and
6.25 mL/s, respectively. For this experiment the blue nozzle was used. Using the Law of
Conservation of Mass (M1V1 = M2V2 => 400 g/L x 7.32 mL = 600 g/L x Unknown
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quantity) and from the output of the blue nozzle it was calculated that 4.88 mL of 600 g/L
phosphite flows from the blue nozzle which is equivalent to an application rate of 24 kg/ha
phosphite.
Since it took 7.32 mL of (600 g/L phosphite) four seconds, then how long does it take to
spray 4.88 mL of phosphite? Using simple substitution it takes 2.3 seconds to spray an
equivalent of 24 kg/ha using 600g/L phosphite. Using these calculations the phosphite
application rates for this experiment were determined (Table 4.2). Each treatment had nine
replicates and they were randomly set up as described previously after each pot was
sprayed according to its treatment allocation.
Table 4.2 Phosphite application rates modified from
Shearer and Crane (2009).
Treatment
(kg/ha)
No. of years of
application
No. of seconds Herbi
was used to spray
120 5 x 2.3 11.5
240 10 x 2.3 23
480 20 x 2.3 46
720 30 x 2.3 69
1440 60 x 2.3 138
2400 100 x 2.3 230
Pot incubation period and seedling development
After the 3 L pots were treated with the different phosphite concentrations on the 18th of
May 2011 they were placed in nine random blocks (Table 4.1) in an evaporatively cooled
glasshouse, maintained at a temperature range of 7 – 28 °C with an average relative
humidity of 50%. The pots were left undisturbed for one month to allow soil microbial
communities to recolonise after the soils were pasteurised and to allow for the oxidation of
phosphite into phosphate by the soil microbes (Malacinski and Konetzska, 1966). During
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this period the pots were fed a nutrient solution once a week and watered to less than
capacity to promote soil microbiota.
After the “incubation” period of one month the, white lupin seeds were sown on the 22nd of
June 2012. The pots were hand-watered daily and were provided with a nutrient solution
on a weekly basis based on Dr Stuart Pearse’s basal nutrient composition (Ca(NO3)2.4H2O
(75.57 g/L); K2SO4.0H2O (34.85 g/L); MgSO4.7H2O (26.62 g/L); MnSO4.H2O ((0.162
g/L); ZnSO4.7H2O (0.115 g/L); CuSO4.5H2O (0.018 g/L); H3BO3 (0.594 g/L);
Na2MoO4.2H2O (0.029 g/L); KCl (2.98 g/L), FeSO4.7H2O (6.74 g/L). After making the
stock solutions each week 100 mL of each nutrient was used to make a final of 3.050 L.
The pots were watered using a watering can for three seconds. Since the pots were free-
draining, care was taken never to over-water the pots, and each pot was bagged with
heavy-duty plastic bags to ensure no phosphate was lost from the pots. The pots were
monitored daily for germination rates, plant growth, plant health (phytotoxicity symptoms).
The germination success rates were assessed based on at least one seed (from a total of
three) germinating in each replicate pot. Once the white lupins germinated each individual
plant from every replicate pot was measured using a ruler until week five when they
harvested. Each leaf-stalk on an individual plant was assessed for signs of chlorosis,
wilting and senescence. There were signs of necrosis (brown “burn” spots in the leaves)
which were also noted. Similarly, plant roots were also noted for signs of necrosis. Plants
with dark brown appearance with low root/shoot mass and visibly decaying roots were
categorised as necrotic and unhealthy and those that were white and had greater root/shoot
mass as healthy. These phytoxicity symptoms were noted for each individual plant
separately and there was no rating system employed to categorise antagonistic symptoms
as they were observed beyond “healthy” and “unhealthy”,
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After five weeks the lupins were assessed for the last time to determine shoot heights and
plant health noted. The plants were then removed from the pots and washed and the roots
photographed. The number of cluster roots and health of the roots were recorded and
photographed. After harvest and assessment, the lupins from each pot were separately
placed into paper bags, weighed and then incubated at 37 °C for a period of two weeks and
then reweighed to determine dry weights. The lupins’ biomass was assessed based on the
dry mass of the roots, stems and leaves (collectively these two were used to describe the
the shoot growth) and total dry mass.
Soil phosphorus analysis
Each treatment had nine replicates for soil plant-available and total P analyses. The
methods are identical to the ones used in Chapter 2 with the sole exception of colour
reagent used.
Following the procedures previously explained in Chapter 2 for the white lupin soils
(plant-availble P analysis) 1 mL of the extracting solution was transferred to a 10 mL vial.
One millilitre of the Molybdenum blue colour reagent was then added and MQ water was
used to make up to 10 mL mark. After 15 minutes the solutions were tested at 882 nm in a
spectrophotometer.
Statistical analysis
Mean soil plant-available and total P levels were graphed. The mean biomass production
of white lupins was assessed for individual parts of the plant: roots, stems, and leaves. The
plants were also assessed for their shoot growth (stem and leaves collectively; in
centimetres). Mean germination rates were tabulated as were the mean number of
primordial/lateral root formations in each treatment pots.
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SPSS version 17 was used to perform One-Way ANOVA where the impact of phosphite
accumulation in the soil was measured against biomass gain with increasing application
rates. To follow the assumptions of parametric One-Way ANOVA the soil phosphorus
datasets were square-root transformed. Also, the significance level was changed to p =
0.01 in the case of Total Phosphorus Analysis, only. The significance was changed
because the analysis did not follow the ‘uniform homogeneity’ parameter when p = 0.05.
Instead of using the non-parametric Kruskal-Wallis test the significance value was lowered
to 1%. The remainder of analyses were carried out with p = 0.05.
The effect of biomass accumulation with increasing soil phosphate (phosphite treatments)
was also analysed using One-Way ANOVA with p = 0.05. The biomass dataset was also
natural log transformed in order to meet the statistical parameters of homogeneous
variance and normal distribution. The effect of time and phosphite application rates was
also assessed on the shoot growth of white lupins using Two-Way ANOVA. Inclusion of
the control treatments was causing the ANOVA to not follow the parametric assumptions
therefore; in the interest of performing the analysis the control treatment was omitted.
Post hoc Tukey’s test was also employed to compare significant differences between the
treatments. The significant differences were compared between the various biomass
components of the white lupins and soil P levels.
4.3 RESULTS
4.3.1 Increasing phosphate accumulation and biomass
Phosphite oxidation to phosphate had a direct relationship with increasing application rates.
Soil plant-available phosphorus levels were significantly (F(5, 24) = 36.142, p < 0.001)
different in the six treatments including the control (F(5, 24) = 36.142, p < 0.001). A Post
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hoc Tukey’s test showed that there were significant (p < 0.001) differences between the
control, 120, 480 and 1440 kg/ha treatments. For example, the 120 kg/ha treatment lead to
significantly less plant-available phosphorus when compared to the 480 and 1440 kg/ha
treatments (Figure 4.1). This means that there was a positive trend with increasing
phosphite treatments leading to increased plant-available phosphorus (Figure 4.1). In
contrast, 720 kg/ha had less plant-available phosphorus compared to 480; although it was
not statistically significant.
Figure 4.1 – Mean soil plant available phosphorus levels washed river sand phosphite treated pots.
Bars represent the standard error of the means. Letters which differ between treatments indicate
significant (p<0.001) differences based on post hoc Tukey’s test.
Soil total phosphorus was also significantly (F(5, 24) = 7.379, p < 0.001) different between
the six treatments. A Post hoc Tukey’s test showed that 1440 kg/ha had a significantly
different total phosphorus when compared to the control, 120, and 240 kg/ha treatments.
Soil phosphorus also showed a significant positive trend with increasing phosphite
treatments (Figure 4.2).
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Figure 4.2 – Mean soil total phosphorus levels in washed river sand following different phosphite
treatments. Bars represent the standard error of the means. Letters which differ between treatments
indicate significant (p<0.001) differences based on post hoc Tukey’s test.
The biomass of the lupins showed a negative trend with increasing phosphate
accumualtion rates (Figure 4.3). The dry mass of the roots were significantly (F(5, 46) =
26.032, p < 0.001) different between the treatments. Comparison of the treatments showed
that the control had significantly (p<0.001) more root biomass than all of the phosphite
treatments. However, the five phosphite treatments showed no significant root biomass
production between them. Dry mass of the stems were also significantly (F(5, 46) = 5.485, p
< 0.001) different between the treatments. Comparing different treatments also revealed
that phosphite treated pots had significantly (p<0.001) reduced biomass when compared to
the control.
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Dry mass of the leaves were also significantly (F(5, 46) = 18.269, p < 0.001) different
between the treatments. A comparision revealed that the control treatment had
accumulated the most mass compared to the other treatments. Lastly, dry total mass was
also significantly different between the treatments (F(5, 46) = 37.574, p < 0.001) as well.
Comparing the six treatments showed that, like previous tests, control had produced the
most overall biomass when compared to the other treatments (Figure 4.3). Exclusion of the
control treatment showed no significant differences in dry root, stem, leaves and total mass
between the phosphite treatments. Therefore, phosphite has a significant impact on
biomass of L. albus plants in a greenhouse environment.
Figure 4.3 – Lupinus albus (White lupins) biomass (grams) at different phosphite application rates
(kg/ha): control (■), 120 (■), 240 ( ), 480 (■), 720(■), and, 1440 (■). Bars represent the standard error
of the means. Each treatment had N=9 pots with 3 seeds sown in each pot. All the mature plants were
harvested 35 days after sowing.
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The white lupin seedlings were photographed before being harvested to analyse the health
of the plants growing in the sand treated with different phosphite application rates to
demonstrate phytotoxicity following acute phosphate accumulation in the sand due to the
oxidation of phosphite to phosphate (Figure 4.4). Briefly, the lupins in the control
treatments were the healthiest plants, with regards to shoot growth and health and cluster
root formation. All the phosphite treatments had severely necrotic roots, stunted root
growth and few to no cluster roots.
Figure 4.4a – Control treatment: roots and shoots. The cotyledons (A) were intact in this replicate but
were very frail looking – a sign of senescence. The cluster-roots (B) were produced abundantly in this
treatment as a whole. The overall health of the roots and development was the most pronounced in this
treatment compared to the others.
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Figure 4.4b – Root and shoot health in 120 kg/ha phosphite treated soil. Chlorosis (A), wilting (B) and
stunted growth (C) are the observed side-effects of phosphate toxicity. The stunted and malformed
roots show signs of early necrosis (D) but rootlet primordia are still visible.
Figure 4.4c – The white lupins in the 240 kg/ha phosphite treated pots were suffering from leaf
necrosis (A), chlorosis (B), wilting (C) and stunted shoot growth (D). The roots are fully necrotic (E)
and malformed (F).
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Figure 4.4d – Complete necrosis of the shoots (A) and white lupin seed abortion (B) caused by 480
kg/ha phosphite treated soils. This treatment had the second highest plant-available phosphorus (the
cotyledons (C) are completely shrivelled). The roots are necrotic (D.
Figure 4.4e – Complete necrosis of the shoot tissue (A) in 720 kg/ha phosphite treated soil. The
Cotyledons (B) are senesced. The presence of necrotic root tissue(C) with associated rootlet primordia
(D).
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Figure 4.4f – The white lupin shoots in the 1440 kg/ha phosphite treated soils are partially necrotic
(A)and suffering from chlorosis (C). The cotyledons (b) were still intact. The roots were severely
malformed, necrotic and stunted (D).
4.3.2 Phosphorus and shoot growth
Shoot growth in white lupins (L. albus) was affected by both time and phosphite
application rates (Figure 4.5). There is a clear trend suggesting a decline in shoot growth
with increasing phosphite application rates of as low as 120 kg/ha. However, there was no
significant (F(16, 182) = 1.176, p = 0.291) interaction between the effects of time (in weeks)
and phosphite application rates on shoot growth in the white lupins.
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Figure 4.5 – Mean shoot growth (cm) in Lupinus albus over a period of 35 days from sowing. The bars
represent the standard error of the means. The seeds were sown on the 22/06/11 and plant height was
measure on 08/07/11 (week 1) (■), 13/07/11 (week 2) (■), 18/07/11 (week 3) ( ), 25/07/11 (week 4) (■)
and finally between 27/07/11 and 11/08/11 (week 5) (■).
When the control treatment was excluded from this analysis there were significant
differences in shoot growth in white lupins from the time (p ≤ 0.014) seeds were sown as
well as for increasing phosphite application rates (p ≤ 0.011). A Post hoc Tukey’s test
revealed that week 1 (08/07/11) had the lowest growth of all the weeks. Similarly, week 2
had a significant growth compared to week 1 but less so than week 4. However, there was
no significant difference between weeks 3 and 4 and 5 indicating possible peaking of
growth somewhere between weeks 2 and 3. Similarly, the bigges difference due to
phosphite application rates was in 480 kg/ha treatment. The 480 kg/ha had significantly
low shoot growth recorded compared to 120, 240 and 720 kg/ha treatments.
109
4.3.3 Phosphorus and seed germination success and cluster root formations
Soil phosphite application had a negative impact on white lupin seed germination success
rate (Table 4.3). Doubling of phosphite application rates reduced successful white lupin
seed germinations by a factor of 2. However, this effect was noticed from 720 kg/ha
treatment. In contrast, 480 kg/ha has a severely diminished seed germination succeed rate.
In the 2400 kg/ha treatment only two of the total of twenty-seven seeds germinated,
making this treatment the most toxic.
Table 4.3 Lupinus albus germination rates (percentage) with respect to increasing soil
phosphite application rates (in kg/ha). A successful germination was noted
when at least one of the three seeds sprouted in each pot, where N=9 x 6
pots.
Phosphite application rates
Date of
germination Control 125 250 500 750 1500 2300
25-Jun 11 55 22 33 66 33 0
28-Jun 44 88 44 33 77 44 0
3-Jul 100 100 100 33 88 44 22
A very interesting result was the presence of rootlet primordia, a precursor to cluster-roots,
and some cluster-roots in phosphite treated soils (Table 4.4) (Meng et al., 2012).
According to the literature in Chapter 1 there should be no primordia or cluster-roots
forming in the soils treated with such high phosphite application rates. However, cluster-
roots (primordia and mature) were discovered in many pots in plants that had shed there
cotyledons or were shriveled up. Of interest is the highest ‘maximum’ number of cluster-
roots (and primordia) found in 480 kg/ha treatment which subsequently had the lowest
seed germination success rate (excluding 2400 kg/ha treatment).
Similarly, the second highest mean rootlet primordia tally was recorded for 720 kg/ha
treatment. This treatment had the “healthiest” shoot growth (Figure 4.5) but the lowest root
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mass compared to the other treatments (Figure 4.3). Leaf senescence, burning (necrosis)
and chlorosis were first noticed on the 13th of July (21 days after sowing) in the 720 kg/ha
treatment. However, on the 18th of July (26 days after sowing) the above health issues
became far more prominent in the rest of the treatments, except the control. The 720 kg/ha
treatment had the fastest germination, leaf maturation, cotyledon senescence and overall
development rate after the control plants.
Table 4.4 Mean number of rootlet primordia, a precursor to cluster roots
at the time of harvest five weeks after sowing the white lupin seeds.
Asterisk denotes rounding off. Since each pot (replicate) was sown
with three seeds the fully germinated seedlings per pot were
averaged. The "Mean" is the average of those numbers.
Treatment
(kg/ha) N Max Min Mean S.E.
Control 9 14 6 11 1.1
120 9 3* 2 1 0.1
240 9 4* 1 1 0.4
480 9 14* 2 2 3.1
720 9 9 4* 3 1.3
1440 9 2 2 0 0.3
4.4 DISCUSSION
Phosphite treatments and how it affects soil phosphorus levels and white lupin
development
There was a significant increase in both soil plant-available phosphorus and total
phosphorus with increasing phosphite application rates. In the 120 kg/ha phosphite
treatment the soil showed a 5-fold increase in plant-available phosphorus alone. Similarly,
there was a 15-fold increase in the 1440 kg/ha phosphite treatment. Soil total phosphorus
levels also showed a significant (p < 0.001) direct relationship with increasing phosphite
application, especially in the 480, 720 and 1440 kg/ha treatments. Soils samples showed a
3.5-fold increase in total phosphorus levels in the 1440 kg/ha treatment.
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Washed river sand is inherently very low in soil phosphorus levels as observed in Figures
4.1 and 4.2. The coarse texture allows great leaching of nutrients (e.g., phosphate) and the
low clay and absence of soil organic matter would mean very little of the oxidised
phosphite (into phosphate) is adsorbed by the soil particles (Chapter 1). This is the likely
reason for the relatively high presence of plant-available phosphorus (phosphate)
compared to total phosphorus.
All the phosphite treatments, other than the control, resulted in a significant drop in
biomass - roots (by a factor of 3.5), stems (by a factor of ~0.2), leaves (by a factor of 3.0)
and the total mass (by a factor of 6.7). The white lupins in all the seven treatments showed
a significant reduction of shoot growth, late maturing of leaves, chlorosis and overall very
poor “health” as well, in comparison to the control plants. This was far more prominent in
the 720 kg/ha treatment. Similarly, the phytotoxic effects being first noticed in the 720
kg/ha treatment confirms that after exhausting the P source in the cotyledons the white
lupins started producing root mass to uptake soil phosphate. However, the toxic levels of
phosphate present in the soil and its subsequent uptake lead to the phytotoxic effects
observed in this treatment.
Another interesting development with regards to the 720 kg/ha treatment was that soil
assay revealed a substantial decrease in plant-available (but not total) phosphorus. This
could be attributed to the heavy uptake of phosphate from the soil by the white lupins.
Since white lupins cannot down-regulate their phosphate uptake efficiently (Esteban et al.,
2003), the low detected levels of plant-available phosphorus mean that the plants in the
720 kg/ha treatment took up significant amounts of P leading to widespread and early
phytotoxicity in the shoots and roots of this treatment when compared to the control and
other treatments.
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White lupins had a significantly high root to shoot ratio in the control treatment as the soil
was not treated with phosphite, and consequently, there was no phosphate input from
phosphite oxidation. This means that the control was able to fully utilise its genetic
potential to mitigate the effects of P-starvation by forming cluster-roots. However, the
opposite (and expected) trend was evident in the other treatments. The cotyledons of the
white lupins did not senesce and dehisce following germination and remained intact in all
the plants which received phosphite. Seeds, and by extension the cotyledons, are a
phosphorus store for the seedlings when they are developing (Vance et al, 2002).
Therefore, this indicates that as the cotyledons did not dehisce the white lupins growing in
the phosphite treatments had a sufficient phosphorus supply maintaining internal
phosphorus homeostasis. Loss of cotyledons triggers morphological changes to roots as
internal P levels dwindle (Liu et al., 2005).
In contrast, in the control treatment almost all the cotyledons were shed early on in
seedling development prompting low internal P and the induction of cluster roots.
Similarly, within soils localised P deficiency induce other root architectural modifications
such as abundant lateral root formations, increased root hair density and root elongation all
of which were features of control plants (Raghothama, 1999; Vance et al., 2002; Shen et
al., 2003).
The increased root mass in the control treatment reflects the low internal P levels
modifying the root architecture to increase surface area for greater and more efficient
uptake of phosphate (Vance et al., 2002; Shen et al., 2003; Shane et al., 2004) from the
inherently P deficient washed river sand. As expected, the root to shoot ratio was very low
in the phosphite treated soils. Since the cotyledons were not removed the young seedlings
113
had sufficient internal P. After the cotyledon P source was exhausted the plant-available
phosphorus was taken up by the roots.
Washed river sand is highly leaching prone due to the physical characteristics of the soil
particles. Over time, a P depletion zone possibly formed in the phosphite treated soils
inducing low internal P in the white lupins (Raghothama and Karthikeyan, 2005). In the
current study, as the P was deliberately not leached out of the soil through a controlled
watering regime, the P levels would have remained reasonably constant in the sand, once
all of the phosphite had been oxidised to phosphate. In the presence of the high levels of
phosphate the roots rather than producing taproot changed to favour the growth of mature
and primordia lateral roots with sparse or no primordia rootlets formation. This is a
characteristic response of white lupins to high soil phosphorus to primarily produce lateral
roots rather than root elongation, increased root hair length and cluster-roots
(Keerthisinghe et al., 1998; Raghothama, 1999; Raghothama and Karthokeyan, 2005).
Under phosphate limited conditions, roots act as a sink to P supply (Vance et al., 2002).
However, under excess P conditions roots act as a source to the plant resupplying toxic
levels of phosphate to the shoots and leaves after a brief period of P-starvation, such as ‘P-
depletion zone’ formation in leaching soil types (Shen et al., 2003). The onset of
phytotoxic symptoms – leaf burning, late maturing of leaves, yellowing of the lamina -
evidenced after week 3 (21st day after sowing the seeds) confirm the impact of high
phosphorus levels and the inability of the plant to down-regulate phosphate uptake (Shane
et al., 2003).
The severe stunting and deformation of the root architecture observed is attributed to the
excess soil phosphate (plant-available phosphorus) (Williamson et al., 2001). In
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Arabidopsis thaliana seedlings root elongation and root hair formation is attributed to
PLD1 and PLD2 phospholipidase Ds (PLDs) during P-limitation. Both PLD1 and PLD2
are mostly expressed in roots than any other tissue in A. thaliana (Li et al., 2006).
Similarly, Williamson et al. (2001) also found that in phosphate excess (2.5 mM) the root
architecture favoured lateral root growth over primary root growth which coincides with
the results of the present study.
Overall, it has been well documented (Williamson et al., 2001; Uhde-Stone et al., 2003;
Wu et al., 2003; Li et al., 2005; Lopez-Bucio et al., 2005; Cheng et al., 2011) that
phosphate deficiency causes gene expressions based on low internal phosphorus signalling
pathways in A. thaliana and L. albus. These transcripted enzymes and hormones induce
changes in root architecture that allow better/efficient uptake of scarcely available
phosphate from the soil. In the current study, the excess soil phosphate appears to directly
suppress cell division in the primary root meristem, and cluster roots to better explore for
phosphate and the root hairs to increase surface area for nutrient uptake (Lopez-Bucio et
al., 2003).
Excess soil phosphorus and seed germination
The germination success rate of the white lupins was severely impacted as the soil
phosphate levels increased due to the oxidation of phosphite to phosphate. By the 11th day
after sowing the control, 120 and 240 kg/ha phosphite treatments all had 100%
germination. At 480 kg/ha the plant-available phosphorus levels in the soil were
significantly more that the 720 kg/ha treatment, and the germination success rate was only
33%. The 480 kg/ha treatment was the second most toxic environment for seed
germination followed by the 2400 and and 1440 kg/ha treatments.
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The 2400 kg/ha treatment was so toxic that only two seeds in total attempted to germinate.
The cotyledons were pale yellow in colour and had brown spots (a symptom of
phosphate/phosphite toxicity). The roots did not develop and expressed more severe
phytotoxicity symptoms than the other treatments. Rebafka et al. (1993) coated seeds of
pearl millet (Pennisetum glaucum) with 0, 0.5, 1.0, 2.0, 5.0 and 10 mg P per seed. They
noticed a sharp trend of reduced seed emergence with 0.5 mg P per seed and over. Seed
germination rates were severely reduced at higher P coatings.
The plant-available phosphorus levels from the present study also confirmed the findings
of Rebafka et al. (1993), although the range was ~7.5 to 18.5 mg P per kg. Similarly, Ros
et al. (2000) also found that seed coating of rice seeds (Oryza sativa) with superphosphate,
mono-ammonium phosphate and potassium phosphate reduced seed germination by 40-
60%. In contrast, barley seeds primed with 50 mg/kg P solution for 12 hours; dried to 12%
moisture and subsequently sown showed significant increase in germination rates and
overall biomass (Ajouri et al., 2004). This implies that phosphate-toxicity is species
specific, but generally toxic at high enough levels.
Yoneyama et al. (2001) found that phosphate significantly suppressed the production of
seed germination stimulants (such as strigolactones) for holoparasitic clover broomrape
(Orobanche minor) by the host plant red clover (Trifolium pratense). Also, in the fynbos
system of South Africa using phosphate based fertilisers to increase vegetation cover
resulted in the mortality of Proteaceae species that have phosphorus sensitive cluster-roots
(identical to white lupins and many native SWWA species) in post mining rehabilitation
(Holmes, 2001).
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Similarly, Alcoa World Wide Alumina uses 500 kg/ha of di-ammonium phosphate as a
fertiliser to aid in the establishment of restored mine sites following bauxite mining in the
jarrah forest in Southwest of West Australia (Colquhoun and Hardy, 2000). Grant and
Loneragan (1999) found that the unmined native jarrah forest had a significantly high
diversity and low evenness as determined by the Shannon diversity index when compared
to restored sites. A higher Shannon diversity index value indicates minimal disturbance
(e.g., mining and extra P input) causing well mixing of the species, however, the high
evenness value indicates that the species are not very rare between communities but
common (Hill, 1973; Keylock, 2005).
This study has clearly shown that excess soil phosphate levels can result from a continuous
regime of phosphite application to plants over a number of years, once the phosphite is
oxidised to phosphate. These high phosphate levels severely suppressed white lupin
germination rates in application rates as low as 480 kg phosphite/ha. However, white lupin
development was significantly diminished and phytotoxicity effects became apparent from
the as low phosphite application rate as 120 kg/ha. Therefore it is likely that in native
ecosystems such as the GRNP study site where phosphite has been applied annually for 14
years, a wildfire could result in a P fertilisation effect. This is turn may result in
widespread plant deaths due to P toxicity. Changes to the ecosystem structure would
ultimately alter its function. Based on the results from the present study, future of this
study site may just become imbued in a haze of paradigm shift.
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CHAPTER 5: GENERAL DISCUSSION
5.1 THE STORY SO FAR….
This study shows that phosphite, an analogue of phosphate, is having a synergistic effect,
along with the oomycete pathogen P. cinnamomi, in changing the ecosystem structure and
function in the GRNP study site. Aerially sprayed phosphite has been significantly
accumulating in the leaves (measured as total P) of the flora based on the results from the
four target species assessed: A. cuneatus, B. attenuata, B. coccinea and J. spinosa. The
mature and senesced leaves of these target species showed significant levels of total P
accumulation directly due to phosphite application and/or phosphate acquisition from the
soil. From the inception of fungicide application in 1996 phosphite has also made its way
into the soils of the study site and increased soil P significantly. Both plant-available P and
total P showed signs of accumulation in phosphite sprayed and P. cinnamomi-free plots
when compared to unsprayed and P. cinnamomi-free plots. The primary source of both
forms of P in this case would have been the decomposing senesced leaves from the
phosphite treated plants.
The field component of this study took a novel look into the diversity of native flora,
especially their abundance, as impacted by phosphite and P. cinnamomi. The impact of
phosphite has never before been studied in this fashion so the results of this study may
hold widespread significance. Both phosphite and P. cinnamomi were synergistically and
individually assessed for their influence on shaping the plant community. The study
showed that moving from species to community level phosphite has significantly altered
the species assemblage between the uninfested phosphite sprayed and unsprayed plots.
However, the singular impact of P. cinnamomi has been much more pronounced in
118
restructuring the flora community in the GRNP study site when compared to the effects of
phosphite alone.
Species richness data and the diversity indices revealed that the phosphite treated and P.
cinnamomi infested plots had the the most species diversity and were also the most evenly
distributed. As expected, the unsprayed and P. cinnamomi infested site had the lowest
diversity where only the non-susceptible species dominated. This is probably because
phosphite induces host defense enzymes and/or directly inhibits the proliferation of the
pathogen before it can ingress (Smillie et al., 1989; Jackson et al., 2000). With boosted
immunity and most likely a reduced inoculum density and potential of the pathogen in the
soil, the plants species were able to utilise available resources for biomass prdocution and
growth rather than defense. Phosphite also allows P. cinnamomi-susceptible species to
prosper as well; thereby, increasing the species diversity and evenly spreading across the
plots. For example, M. thymoides had a two-fold increased abundance in the phosphite
sprayed and P. cinnamomi infested plots when compared to the unsprayed and P.
cinnamomi infested plots. This could also have been due to lack of competition caused by
the loss of susceptible species.
Overall, lack of the pathogen and the fungicide; presence of the pathogen alone; presence
of pathogen and the fungicide all played major roles in shaping the community structure
and species composition across the study site. In the present study phosphite sprayed and P.
cinnamomi-free plots alone had species which overlapped, but, these were still
significantly different from the unsprayed and P. cinnamomi-free plots. One of the primary
objectives of this study was to ascertain whether phosphite has an impact on the species
composition. It appears that the application of phosphite annually over the last 14 years
has directly caused a change in the species richness and diversity between phosphite
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sprayed and unsprayed plots. This means that phosphite would eventually return to the soil
via senescence and accumulate as phosphate
Based on the SIMPER analyses of the rare/common species, phosphite application has
either directly killed off the phosphite-sensitive species and/or the increased soil phosphate
levels. This may have hampered seed germination and plant establishment of P sensitive
species in these plots. The latter appears more plausible because the dense leaf-litter cover
of schlerophyllous vegetation would have slowly decomposed and consequently provided
partial ‘shelter’ for the new plant recruits from direct contact with phosphite. The dense
mid- and the upper-storey vegetation would have captured most of phosphite as it was
aerially applied as a fine mist. This would have protected the new recruits from phytotoxic
effects of phosphite in their early growth stages (Pilbeam et al., 2000; Barrett et al., 2004).
However, as time passed and more phosphite was applied and plants subsequently started
senescing naturally or due to phytotoxicity phosphite was steadily transferred to the soil.
Based on the significantly-high-but-below-critical-level soil P results it is hypothesised
that more phosphate in the soil may have aided in the production of more biomass rather
than caused toxicity to most species in the early years of phosphite application.
To aid the hypothesis of increased phosphate levels inducing biomass production in the
phosphite sprayed plots photosynthesis levels were also analysed in B. attenuata and B.
coccinea. The photosynthetic rates were significantly elevated in B. attenuata in the
phosphite sprayed and P. cinnamomi-free plots when compared to unsprayed P.
cinnamomi-free plots. Two possible reasons were assumed for this elevated photosynthesis
rate: (1) phosphite in planta is stressing the plants as indicated by the high levels of total P
in the senesced tissue as plants may be actively ridding this ‘extra’ P from their systems,
and/or (2) phosphite did not cause cause a direct phytotoxic effect on the mature plants but
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was being accumulated in the tissue. But, when the leaves senesced, extra P was
transferred to the soils after decomposition. This increased the soil phosphate levels as
previously explained allowing the plants to readily take up the phosphate and utilise it for
biomass production (Wang et al., 2006), hence, the elevated photosynthesis levels. The
photosynthates produced, besides being used for biomass production, could also have been
used to actively expel the accumulated phosphite. This scenario best explains the elevated
photosynthesis levels and high total P in the senesced tissues of the target species.
Zambrosi et al. (2011) showed that 0.5 mM phosphite application is a poor source of P for
biomass production in citrus plants. In fact phosphite appeared to directly impede the
process. They also concluded that stomatal conductance was significantly impeded by
phosphite. Similarly, Huberli et al. (2008) found the photosynthesis rates were
significantly reduced in 24 kg phosphite/ha sprayed B. attenuata plants when waterlogged.
They also found out that phosphite directly altered the transpiration regime in B. attenuata
in unburnt plots when compared to burnt plots post-fire. In the same study, A. cuneatus
also displayed reduced stomatal conductance in unburnt plots. These studies support the
hypothesis in this study that phosphite may have already shifted the plant community in
the study site to a more phosphite-tolerant one. Or, that the aberration in the species
abundance/richness was site-specific and phosphite did not have any effect. However, the
biomass data suggests otherwise and clearly shows an association between species
diversity, aerial application of phosphite, soil P levels and biomass production.
Canopy closure data revealed that significantly more biomass is being produced in the
canopy of the phosphite sprayed and P. cinnamomi-free site when compared to the
unsprayed and P. cinnamomi-free plots. However, direct destructive harvest of a small
sample size (n = 5) within each of these two treatments did not yield a significant increase
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in biomass (as dry mass kg/m2/plot). There was however, great variability in the phosphite
sprayed plot. Another interesting result was that the leaf-litter cover was not significantly
different between the two treatments. However, the depth of litter-cover was not assessed
but appeared “denser” which leaves room for the assumption that phosphite sprayed plots
shed more leaves possibly due to phosphite phytotoxicity leading to increased soil
phosphorus levels as previously discussed. Irrespective of the process, phosphite
application and soil phosphate levels have a direct relationship in affecting the biomass
production in the study site.
Primary productivity is the amount of biomass produced per unit of area and time by the
primary producers (Woodward et al., 1995). It is directly affected by the stomatal
conductance and photosynthesis rates, which are, in turn, mediated by temperature and soil
moisture. Evapo-transpiration is directly controlled by gas exchange in the canopy,
therefore, long term carbon and hydrologic budgeting dictates the leaf area of the canopy,
and by extension, photosynthesis (Rosenzwieg, 1968; Woodward et al., 1995). The high
photosynthesis rates of the B. attenuata suggest that the plants are taking advantage of this
extra P in the soil. This is a testament to how more P is being used to produce more
biomass which in turn is mediating soil moisture and ambient tempratures to induce
further growth. This cycle would slow down where water and other nutrients, especially
phosphate, became limiting. However, the high soil and plant tissue P and elevated
photosynthesis rates all indicate that photosysnthesis rates suggest that growth is indeed
occurring. Since the soil P levels are well below the critical levels, the plants are just using
up soil P as they can not utilise the accumulated phosphite in their tissue (Thao and
Yamakawa, 2009).
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So the question ‘Does phosphite accumulation aid phosphorus tolerant species to
flourish?’ can now be used as a magnifying tool to assess the potential “fertilisation” and
phytotoxic effects of the phosphite accumulation in the GRNP study site. Based on the
common and rare species list compiled (Table 3.5) 13 species were identified as
phosphite/phosphate tolerant whilst only nine species were considered sensitive. The real
question that this study raised is whether phosphite is exerting a selective pressure: either
in its oxidised form in the soil as phosphate or through direct accumulation in planta
which can cause phytotoxicity.
Based on the species abundance data it seems that phosphite/phosphate is indeed only
allowing the more tolerant species to prevail and the phosphite/phosphate-sensitive species
are struggling even if the soil and tissue total phosphorus levels are well below critical
threshold levels for such ecosystems. In summary, phosphite application has restructured
the species composition either due to direct phosphite phytotoxicity and/or through
indirect assimilation as phosphate in the soil. Therefore, in light of these findings calling
phosphite a precursor to native ecosystem P fertilisation would not be entirely untrue.
5.2 WHAT THE FUTURE HOLDS?
As discussed previously in this thesis, the study site has not suffered from a disturbance
event (besides P. cinnamomi and subsequent phosphite applications) such as wildfires
since at least the beginning of phosphite application in 1996. Since phosphite is not
metabolised by the plants it is accumulated in the tissue; mostly the stems/branches, roots
and leaves, in that order (McDonald et al., 2001; Huberli et al., 2008). Therefore, currently
the study site is acting like a sink for phosphite and phosphorus. However, when a wildfire
goes through, which is intense enough to burn the vegetation to ash, most of this phosphite
will be liberated (through oxidation) and transformed to phosphate in the process. The
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small percentage of volatile P will become part of the atmosphere but the rest will be
present in the ashbed (Rickard, 2000; McDonald et al., 2001; Mackey and Payton, 2009;
Thao and Yamakawa, 2009), and ultimately plants that are recruited from the seedbank or
by resprouting species.
The seed ecology of the SWWA has a very close association with fire as most of the new
generation is recruited directly or indirectly by such a disturbance event (Bell et al., 1993).
However, the glasshouse trial which used white lupins as a surrogate P-sensitive species,
revealed that even in a low accumulation period (120 kg/ha phosphite application rate to
act as surrogate for five years of annual application at the rate of 24 kg/ha), phosphate
converted from phosphite, will cause severe necrosis in the plants once the cotyledon P
source has been exhausted. In addition to necrosis most roots/rootlets did not develop fully
or were malformed in the presence of such high soil phosphate levels. Interestingly, for
120 kg/ha phosphite application rate the seed germination time was also the shortest for
white lupins compared to all the other treatments as has been discussed previously in
Chapter 4. However, the successful seed emergence was tangibly suppressed in treatments
over 120 kg/ha, i.e., 240 kg/ha; 480 kg/ha; 720 kg/ha, and 1440 kg/ha. Future studies are
required to repeat the study but using Proteaceae species from the GRNP study site.
The pots in which lupins were grown were incubated for one month to allow bio-oxidation
of phosphite to phosphate by soil microbiota before seeds were sown. Within three weeks,
the phytotoxic effects of the accumulating phosphate were apparent in the white lupins
from the lowest phosphite applied soils (120 kg/ha) to the highest (2300 kg/ha). The latter
treatment was so toxic that only two out of 27 seeds managed to emerge but were shortly
aborted and this whole treatment had to be omitted from results. With time serving as a
surrogate for wildfires this experiment displayed the phytotoxic effects of acute phosphate
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accumulation in free draining, organic matter and clay lacking, acidic white sandy soils
(washed river sand) in case a fire burns the vegetation sprayed with phosphite.
Consequently, a number of questions need to be asked with regards to natural ecosystems
adapted to low soil phosphate levels with regards to when wildfire destroys the phosphite
sprayed flora to an ashbed. These questions include: Where will all the extra phosphate
from the plants go, would all of it leach into the watertable, would it become part of the
atmosphere, would it become part of the runoff, or would it stay in the soil and suppress
the phosphate-sensitive vegetation from resprouting and/or germinating from the seed
bank? To answer these questions and to amalgamate the scope of this research a model has
been constructed to show a picture of ‘how phosphite is liberated from plant tissues after a
wildfire and how this influx of phosphate from oxidised phosphite affects the native plants
that have millions of years of fine-tuned adaptation responses to phosphorus poor soils of
SWWA?’ (Figure 5.1).
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Figure 5.1 –The ‘Phosphite-Wildfire-Phytophthora’ interaction model (after Whyte, 2012) shows the
impact of wildfires on ecosystems stressed by P. cinnamomi (Pc) and how phosphite (Phi) can alleviate
or exacerbate the situation. The broken chain (- - - -) represents the microbial oxidation of phosphite
from senesced leaves into phosphate (Pi) and how it helps the plants to produce biomass regardless of
fire, initially. This model assumes that the ecosystem has already ameliorated the phytotoxic effects of
phosphite on sensitive species.
It has been been known that P. cinnamomi becomes especially aggressive after wildfires
presumably due to lack of soil microbes which form a weak, but effective, competitive
barrier to the pathogen (Huberli et al., 2008). With intense wildfires having the capacity to
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severely degrade soil microbiota diversity the roots of the newly germinated seedlings or
resprouting bodies would be very vulnerable to infection by the pathogen. In short, the
roots would be attacked by P. cinnamomi and suffer from phosphate toxicity induced root
necrosis.
5.3 RETROSPECTIVE MUSINGS AND FUTURE GUIDANCE
Future management plans should address the issue of phosphite/phosphate accumulation
separately. There were a number of shortcomings to this study to fully confirm how
phosphite might influence the native communities that are treated annually with phosphite
over a long period of time. Firstly, only one site was studied. At least two different sites
with similar environmental factors would have provided a clearer picture of the impact of
phosphite as a potential fertiliser and minimised the risks that entail pseudoreplicating sites
as was the case with this study. However, this is the first study of its kind and it yielded
results to indicate that phosphite is likely to be detrimental in the long-term and more
research is required to confirm these observations.
Due to financial constraints the soil samples were only analysed from five plots in the
phosphite sprayed and P. cinnamomi-free plots and the unsprayed and P. cinnamomi-free
plots. Inclusion of the P. cinnamomi infested sites for sampling would have allowed an
understanding of the physiological impact of phosphite on P. cinnamomi stressed
vegetation communities. This would also have given a snapshot of the growth and
development patterns of native flora communities stressed both by phosphite and the
pathogen. A long-term monitoring study with fewer target species and greater replication
in sites and treatments can potentially solve most of these shortcomings from the current
study.
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The destructive harvest of the five plots in unsprayed plots and P. cinnamomi-free plots
and the phosphite sprayed and P. cinnamomi-free plots had another purpose also. These
were to be used to analyse the amount of phosphite being accumulated on a community
scale. Rather than relying on four target species alone the total P assay would have given a
snapshot of how much total P would be released once a fire does go through this study site.
Since most of the phosphite is basipetally translocated the bulk of the fungicide ends up in
the roots and stems/branches rather than just the leaves (Shane and Lambers, 2006).
However, financial limitations allowed for assessing biomass levels only from the
destructive harvest and not phosphite.
Similarly, lack of γ-diversity was one of the strongest short-comings of this study as only
one site was substituted for the α- and β-diversity measurements. The smaller sample sizes
in both cases also may have hampered identifying ‘all’ the species, too. In retrospect, it
would have been more valuable to have assessed the beta-diversity by forming lateral
transect lines across the four treatments: starting at the unsprayed and P. cinnamomi-free
site, moving onto unpsrayed and P. cinnamomi infested site, then to the phosphite sprayed
and P. cinnamomi infested plots and lastly, ending at the phosphite sprayed and P.
cinnamomi-free site.
Lateral transect lines across the plots would have measured species diversity across two
environmental gradients: phosphite accumulation and Phytophthora infestation. However,
only measuring the α-diversity was feasible due to limited resources and considered
sufficient at the onset of the study. For future research the preceding points should be
taken into account to fully appreciate the impact of phosphite as it is the only tool present
for the fight against P. cinnamomi.
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Future investigative studies would also benefit from assessing sudden in situ phosphate
surplus. Control-burning of long-term phosphite treated patches and transplanting
dominant native seedlings to assess phytotoxic effects in native P-sensitive species.
Acquiring virgin soils from the GRNP study site and performing the glasshouse
experiment from this study may yield a better understanding of the stress of Pi-toxicity in
native species. The soil substrate is the single biggest factor when it comes to
understanding the amount of phosphate that will be present in the soil after wildfires in
phosphite treated ecosystems. Similarly, including a watershed study of the landscape
would also help describe the fate of phosphite due to its position being ‘upslope of
seasonally wet drainage lines’.
World P reserves are dwindling; the prices sky-rocketing and predictions have been made
of phosphorus supply peaking in 2030 (Cordell et al, 2009). On the other end of the
spectrum global warming is changing our climate in the SWWA and future predictions
point towards a drier and wildfire-prone region (Burrows, 2008). Based on the key
findings of this study one simply cannot continue unabated in using phosphite if we want
to protect our flora diversity. It should be stressed that although the present study shows
that using phosphite may seem counter-productive in the long run, it however, provides the
basis for further research on this fungicide. Or, at the least, provides enough incentives for
a more aggressive pursuit of alternative avenues to eradicate or mitigate the decimating
effects of P. cinnamomi.
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APPENDIX 1: FULL DETAILS OF THE SIMMILARITY/DISSIMILARITY TABLES
(TABLES 3.3 AND 3.4) FROM CHAPTER 3
Average species similarity between 1m2 quadrats for the treatments.
Each treatment had N=10 1m2 quadrats and the similarity results are for those.
The contribution and cumulative contribution (in %) for each species
shows their dominance and rarity based on their average abundance.
Unsprayed and P. cinnamomi-free site
Average similarity: 53.49
Family Species Av.abund Av. sim Sim/SD
Contrib
%
Cum.
%
Anarthriaceae Anarthria scabra 2.4 13.86 3.25 25.9 25.9
Anarthriaceae Lyginia barbata 1.2 6.07 3.14 11.34 37.25
Proteaceae B. cocc. 1.36 4.69 1.03 8.76 46.01
Anarthriaceae Anarthria prolifera 0.86 3.84 1.75 7.18 53.19
Sedge 7 Sedge 7 0.78 3.58 1.59 6.7 59.88
Myrtaceae Malaleuca thymoides 0.8 3.45 1.42 6.44 66.33
Dasypogonaceae Dasypogon bremifolius 0.58 2.63 1.37 4.92 71.25
Asparagaceae Lomandra nigricans 0.52 2.36 1.53 4.41 75.66
Cyperaceae Cyathochaeta equitans 0.8 2.2 0.85 4.11 79.77
Proteaceae Adenanthos cuneatus 0.26 1.07 1.12 2 81.77
Elaeocarpaceae Tetratheca setigera 0.34 1.05 0.97 1.96 83.73
Proteaceae B. nutans 0.28 0.98 0.81 1.82 85.55
Cyperaceae Schoenus curvifolius 0.36 0.83 0.6 1.56 87.11
Restionaceae Hypolaena fastigiata 0.34 0.83 0.67 1.55 88.66
Proteaceae Petrophile rigida 0.24 0.67 0.9 1.26 89.92
Myrtaceae Darwinia vestita 0.28 0.6 0.57 1.13 91.05
Unsprayed and P. cinnamomi infested site
Average similarity: 55.13
Family Species Av.Abund Av.Sim Sim/SD
Contrib
%
Cum.
%
Droseraceae Drosera macrantha 6.2 13.68 1.62 24.81 24.81
Cyperaceae Cyathochaeta equitans 3.18 10.22 3.77 18.54 43.35
Anarthriaceae Anarthria scabra 2.34 6.58 2.12 11.93 55.28
Myrtaceae Malaleuca thymoides 1.54 4.74 2.84 8.59 63.87
Cyperaceae Schoenus curvifolius 1.62 4.36 2.28 7.91 71.78
Cyperaceae Mesomelaena gracilipes 0.94 2.26 1.14 4.1 75.88
Anarthriaceae Anarthria prolifera 0.9 2.22 1.44 4.03 79.91
Anarthriaceae Lyginia barbata 1.24 2.02 0.67 3.67 83.58
Fabaceae Jacksonia spinosa 0.64 1.28 1.22 2.32 85.9
Stylidiaceae Stylidium repens 0.96 1 0.47 1.81 87.71
Asparagaceae Lomandra integra 0.36 0.84 1.14 1.52 89.22
Dasypogonaceae Dasypogon bremifolius 0.24 0.69 1.73 1.25 90.48
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Phosphite sprayed and P. cinnamomi infested site
Average similarity: 58.38
Family Species Av.Abund Av.Sim Sim/SD
Contrib
%
Cum.
%
Myrtaceae Malaleuca thymoides 3.02 10.38 3.57 17.78 17.78
Cyperaceae Cyathochaeta equitans 2.52 9.57 3.29 16.39 34.17
Anarthriaceae Lyginia barbata 1.94 6.69 2.56 11.46 45.63
Anarthriaceae Anarthria scabra 1.64 5.96 3.64 10.21 55.84
Cyperaceae Schoenus curvifolius 1.24 4.25 2.44 7.28 63.11
Stylidiaceae Stylidium repens 0.92 2.2 1.08 3.76 66.87
Asparagaceae Lomandra nigricans 0.82 2.14 1.25 3.66 70.53
Restionaceae Hypolaena fastigiata 0.9 2.12 1.14 3.64 74.17
Myrtaceae Darwinia vestita 0.56 1.47 1.84 2.52 76.69
Fabaceae Jacksonia spinosa 0.54 1.43 1.3 2.46 79.15
Ericaceae Leucopogon gracilis 0.48 1.43 1.33 2.45 81.6
Droseraceae Drosera macrantha 0.8 1.33 0.81 2.27 83.87
Apiaceae Xanthosia huegelii 0.56 1.19 0.71 2.05 85.91
Sedge 7 Sedge 7 0.42 1.08 1.42 1.86 87.77
Ericaceae Leucopogon obovatus 0.4 0.92 1 1.58 89.35
Coltriccia mushroom Coltricia mushroom 0.4 0.7 1.13 1.2 90.55
Phosphite sprayed and P. cinnamomi-free site
Average similarity: 59.96
Family Species Av.Abund Av.Sim Sim/SD
Contrib
%
Cum.
%
Cyperaceae Cyathochaeta equitans 2.5 11.21 2.69 18.7 18.7
Anarthriaceae Anarthria scabra 1.84 9.07 4.66 15.13 33.83
Anarthriaceae Lyginia barbata 1.82 8.32 3.43 13.88 47.71
Asparagaceae Lomandra nigricans 1.14 5.19 3.14 8.66 56.37
Myrtaceae Malaleuca thymoides 0.98 4.05 2.64 6.76 63.12
Cyperaceae Schoenus curvifolius 0.96 3.47 1.49 5.78 68.91
Sedge 7 Sedge 7 0.62 2.21 1.58 3.69 72.59
Proteaceae Adenanthos cuneatus 0.48 1.85 1.56 3.08 75.67
Anarthriaceae Anarthria prolifera 0.52 1.79 1.29 2.99 78.66
Droseraceae Drosera macrantha 0.68 1.51 0.64 2.53 81.19
Myrtaceae
Hypocalymma
angustifolium 0.5 1.13 0.62 1.89 83.08
Proteaceae B. nutans 0.26 1.07 1.57 1.79 84.87
Orchidaceae Pterostylis vittata 1.14 1.07 0.29 1.79 86.66
Liliaceae Burchardia umbellata 0.32 0.98 0.85 1.63 88.3
Stylidiaceae Stylidium repens 0.34 0.85 0.76 1.42 89.72
Dasypogonaceae Dasypogon bremifolius 0.26 0.84 1.14 1.4 91.12
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Table 3.4 Average species dissimilarity between 1m2 quadrats for the treatments.
Each treatment had N=10 1m2 quadrats and the similarity results are for those.
The contribution and cumulative contribution (in %) for each species
shows the species that are distinct to a treatment .
Unsprayed and P. cinnamomi-free vs Unsprayed and P. cinnamomi infested sites
Average dissimilarity = 66.38
Treatment
1
Treatment
2
Species Av.Abund Av.Abund Av.Diss Diss/SD
Contrib
%
Cum.
%
Drosera macrantha 0.2 6.2 14.22 1.66 21.42 21.42
Cyathochaeta equitans 0.8 3.18 6.17 1.86 9.29 30.71
B. cocc. 1.36 0.06 3.22 1.19 4.84 35.55
Schoenus curvifolius 0.36 1.62 3.19 1.65 4.81 40.36
Lyginia barbata 1.2 1.24 2.74 1.85 4.13 44.49
Anarthria scabra 2.4 2.34 2.63 1.56 3.96 48.45
Mesomelaena gracilipes 0.02 0.94 2.38 1.45 3.58 52.03
Stylidium repens 0 0.96 2.23 0.85 3.36 55.39
Malaleuca thymoides 0.8 1.54 2.16 1.46 3.25 58.64
Sedge 7 0.78 0.02 1.99 1.36 2.99 61.64
Anarthria prolifera 0.86 0.9 1.57 1.38 2.36 63.99
Hypolaena fastigiata 0.34 0.44 1.42 0.73 2.13 66.13
Jacksonia spinosa 0.12 0.64 1.29 1.27 1.95 68.08
Pterostylis vittata 0.08 0.42 1.22 0.49 1.84 69.92
Agonis theiformis 0.2 0.46 1.19 0.92 1.79 71.72
Lomandra nigricans 0.52 0.24 1.08 1.55 1.62 73.34
Dasypogon bremifolius 0.58 0.24 1.01 1.48 1.52 74.86
Coltricia mushroom 0.02 0.4 0.99 0.84 1.49 76.35
Darwinia vestita 0.28 0.34 0.93 1.09 1.4 77.76
Leucopogon gracilis 0.02 0.38 0.88 1.02 1.33 79.09
Tetratheca setigera 0.34 0 0.87 0.94 1.3 80.39
Lysinema ciliatum 0.34 0.06 0.86 0.59 1.3 81.69
Lomandra integra 0.1 0.36 0.83 0.97 1.25 82.94
Xanthosia huegelii 0.02 0.3 0.75 0.95 1.13 84.07
B. nutans 0.28 0.02 0.69 1.23 1.03 85.1
Petrophile rigida 0.24 0.14 0.61 0.96 0.92 86.03
Drosera erithrorhiza 0.16 0.2 0.61 0.87 0.92 86.95
Hibbertia depressa 0.1 0.24 0.61 1.1 0.91 87.86
Adenanthos cuneatus 0.26 0.04 0.6 1.28 0.91 88.77
Conostylis serrulata 0.14 0.14 0.53 0.86 0.8 89.57
Hibbertia pulchra 0.16 0.08 0.46 0.96 0.69 90.26
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Unsprayed and P. cinnamomi-free vs Phosphite sprayed and P. cinnamomi infested sites
Average dissimilarity = 61.01
Treatment
1
Treatment
3
Species Av.Abund Av.Abund Av.Diss Diss/SD
Contrib
%
Cum.
%
Malaleuca thymoides 0.8 3.02 6.16 1.64 10.09 10.09
Cyathochaeta equitans 0.8 2.52 5.01 1.88 8.21 18.3
B. cocc. 1.36 0.02 3.61 1.25 5.92 24.23
Lyginia barbata 1.2 1.94 2.67 1.32 4.37 28.6
Anarthria scabra 2.4 1.64 2.64 1.63 4.33 32.93
Schoenus curvifolius 0.36 1.24 2.6 1.53 4.27 37.2
Stylidium repens 0 0.92 2.52 1.28 4.13 41.33
Pterostylis vittata 0.08 0.8 2.17 0.58 3.55 44.88
Anarthria prolifera 0.86 0.14 2.02 1.53 3.32 48.2
Hypolaena fastigiata 0.34 0.9 2.01 1.21 3.3 51.5
Drosera macrantha 0.2 0.8 1.9 0.93 3.12 54.62
Xanthosia huegelii 0.02 0.56 1.54 1.13 2.53 57.15
Lomandra nigricans 0.52 0.82 1.51 1.15 2.48 59.63
Sedge 7 0.78 0.42 1.51 1.11 2.48 62.11
Leucopogon gracilis 0.02 0.48 1.29 1.69 2.12 64.23
Darwinia vestita 0.28 0.56 1.28 1.09 2.1 66.33
Jacksonia spinosa 0.12 0.54 1.28 1.14 2.1 68.43
Dasypogon bremifolius 0.58 0.26 1.13 1.42 1.85 70.27
Leucopogon obovatus 0 0.4 1.1 1.18 1.8 72.07
Coltricia mushroom 0.02 0.4 1.06 0.73 1.73 73.8
Drosera erithrorhiza 0.16 0.34 1.05 0.69 1.72 75.53
Lysinema ciliatum 0.34 0.1 0.99 0.66 1.63 77.15
Tetratheca setigera 0.34 0 0.94 0.95 1.54 78.7
Hypocalymma
angustifolium 0.12 0.24 0.78 0.86 1.28 79.97
Agonis theiformis 0.2 0.26 0.77 1.12 1.26 81.24
Galarina Mushrooms 0 0.28 0.75 0.7 1.24 82.47
B. nutans 0.28 0.08 0.68 1.23 1.12 83.59
Orchid 3 0.04 0.24 0.68 0.85 1.12 84.71
Adenanthos cuneatus 0.26 0.1 0.6 1.22 0.99 85.7
Mesomelaena gracilipes 0.02 0.22 0.59 1.09 0.97 86.67
Petrophile rigida 0.24 0.06 0.58 0.81 0.95 87.62
Burchardia umbellata 0.1 0.18 0.55 0.92 0.9 88.52
Conostylis serrulata 0.14 0.26 0.55 0.97 0.89 89.41
Dampiera pedunculata 0.08 0.18 0.52 0.73 0.86 90.27
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Unsprayed and P. cinnamomi infested vs Phosphite sprayed and P. cinnamomi infested
sites
Average dissimilarity = 52.56
Treatment
2
Treatment
3
Species Av.Abund Av.Abund Av.Diss Diss/SD
Contrib
%
Cum.
%
Drosera macrantha 6.2 0.8 10.92 1.46 20.78 20.78
Malaleuca thymoides 1.54 3.02 3.29 1.18 6.25 27.04
Lyginia barbata 1.24 1.94 2.76 1.46 5.26 32.3
Anarthria scabra 2.34 1.64 2.32 1.45 4.42 36.72
Cyathochaeta equitans 3.18 2.52 2.27 1.27 4.32 41.03
Stylidium repens 0.96 0.92 2.26 1.4 4.31 45.34
Pterostylis vittata 0.42 0.8 2.15 0.68 4.1 49.44
Hypolaena fastigiata 0.44 0.9 1.8 1.14 3.42 52.86
Mesomelaena gracilipes 0.94 0.22 1.68 1.33 3.19 56.05
Schoenus curvifolius 1.62 1.24 1.67 1.45 3.17 59.22
Anarthria prolifera 0.9 0.14 1.66 1.3 3.15 62.37
Lomandra nigricans 0.24 0.82 1.49 1.26 2.83 65.2
Xanthosia huegelii 0.3 0.56 1.05 1.25 2 67.2
Coltricia mushroom 0.4 0.4 1.05 0.94 1.99 69.19
Jacksonia spinosa 0.64 0.54 1.03 1.35 1.97 71.15
Agonis theiformis 0.46 0.26 1 0.98 1.91 73.07
Darwinia vestita 0.34 0.56 0.95 1.07 1.8 74.87
Drosera erithrorhiza 0.2 0.34 0.89 0.74 1.7 76.56
Leucopogon obovatus 0.16 0.4 0.87 1.26 1.66 78.22
Sedge 7 0.02 0.42 0.86 1.2 1.63 79.85
Leucopogon gracilis 0.38 0.48 0.83 1.5 1.58 81.43
Lomandra integra 0.36 0.18 0.67 1.06 1.27 82.7
Conostylis serrulata 0.14 0.26 0.59 1.13 1.11 83.81
Hypocalymma
angustifolium 0.1 0.24 0.58 0.85 1.11 84.92
Galarina Mushrooms 0.02 0.28 0.58 0.7 1.11 86.03
Orchid 3 0 0.24 0.51 0.79 0.96 86.99
Hibbertia depressa 0.24 0.1 0.51 1.08 0.96 87.96
Dasypogon bremifolius 0.24 0.26 0.42 1.32 0.8 88.76
Dampiera pedunculata 0.08 0.18 0.4 0.73 0.77 89.53
Burchardia umbellata 0 0.18 0.37 0.74 0.7 90.23
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Unsprayed and P. cinnamomi-free vs Phosphite sprayed and P. cinnamomi-free sites
Average dissimilarity = 52.30
Treatment
1
Treatment
4
Species Av.Abund Av.Abund Av.Diss Diss/SD
Contrib
%
Cum.
%
Cyathochaeta equitans 0.8 2.5 5.76 1.69 11.02 11.02
B. cocc. 1.36 0.2 3.65 1.12 6.98 18
Pterostylis vittata 0.08 1.14 3.44 0.68 6.59 24.59
Lyginia barbata 1.2 1.82 2.6 1.39 4.97 29.55
Anarthria scabra 2.4 1.84 2.49 1.51 4.75 34.31
Schoenus curvifolius 0.36 0.96 2.35 1.29 4.49 38.8
Lomandra nigricans 0.52 1.14 2.07 1.49 3.96 42.77
Drosera macrantha 0.2 0.68 1.96 1.21 3.76 46.52
Sedge 7 0.78 0.62 1.66 1.15 3.18 49.7
Malaleuca thymoides 0.8 0.98 1.66 1.33 3.17 52.88
Anarthria prolifera 0.86 0.52 1.65 1.2 3.16 56.03
Hypocalymma
angustifolium 0.12 0.5 1.5 1.02 2.87 58.9
Dasypogon bremifolius 0.58 0.26 1.26 1.41 2.41 61.31
Lysinema ciliatum 0.34 0.08 1.1 0.63 2.1 63.42
Stylidium repens 0 0.34 1.09 1.02 2.09 65.51
Tetratheca setigera 0.34 0 1.07 0.95 2.05 67.56
Adenanthos cuneatus 0.26 0.48 0.95 1.31 1.83 69.39
Hypolaena fastigiata 0.34 0.22 0.94 0.93 1.8 71.19
Burchardia umbellata 0.1 0.32 0.92 1.19 1.76 72.95
Darwinia vestita 0.28 0.22 0.86 1.29 1.65 74.6
Latrobea glabrescens 0 0.24 0.78 0.78 1.5 76.1
Xanthosia huegelii 0.02 0.22 0.77 0.36 1.46 77.57
Agonis theiformis 0.2 0.22 0.75 1.18 1.43 79
Petrophile rigida 0.24 0.1 0.74 0.95 1.42 80.42
Hibbertia pulchra 0.16 0.24 0.67 0.88 1.29 81.71
B. nutans 0.28 0.26 0.66 1.33 1.27 82.98
Lomandra integra 0.1 0.14 0.6 0.63 1.15 84.13
Drosera erithrorhiza 0.16 0.06 0.52 0.98 1 85.13
Franklandia fucifolia 0.02 0.16 0.49 1.06 0.94 86.06
Hibbertia depressa 0.1 0.12 0.44 1.01 0.84 86.9
Astroloma sp 0.04 0.12 0.41 0.67 0.78 87.68
Conostylis serrulata 0.14 0.04 0.41 1.05 0.78 88.45
Conospermum territifolia 0.12 0 0.39 0.73 0.74 89.19
Jacksonia spinosa 0.12 0.02 0.38 0.9 0.73 89.92
B. atten 0.06 0.1 0.36 0.85 0.69 90.61
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Unsprayed and P. cinnamomi infested vs Phosphite sprayed and P. cinnamomi-free sites
Average dissimilarity = 56.37
Treatment
2
Treatment
4
Species Av.Abund Av.Abund Av.Diss Diss/SD
Contrib
%
Cum.
%
Drosera macrantha 6.2 0.68 12.15 1.48 21.55 21.55
Pterostylis vittata 0.42 1.14 3 0.77 5.33 26.88
Lyginia barbata 1.24 1.82 2.82 1.53 5 31.88
Cyathochaeta equitans 3.18 2.5 2.74 1.29 4.86 36.74
Anarthria scabra 2.34 1.84 2.37 1.59 4.21 40.95
Lomandra nigricans 0.24 1.14 2.16 1.92 3.84 44.79
Schoenus curvifolius 1.62 0.96 2.14 1.47 3.8 48.59
Stylidium repens 0.96 0.34 2.09 1.05 3.71 52.3
Mesomelaena gracilipes 0.94 0.1 2.04 1.38 3.62 55.92
Malaleuca thymoides 1.54 0.98 1.66 1.36 2.94 58.87
Sedge 7 0.02 0.62 1.43 1.37 2.53 61.4
Anarthria prolifera 0.9 0.52 1.39 1.19 2.47 63.87
Jacksonia spinosa 0.64 0.02 1.37 1.41 2.43 66.3
Xanthosia huegelii 0.3 0.22 1.1 0.8 1.95 68.25
Hypocalymma
angustifolium 0.1 0.5 1.08 0.95 1.91 70.16
Agonis theiformis 0.46 0.22 1.07 0.93 1.89 72.05
Hypolaena fastigiata 0.44 0.22 1.06 0.59 1.87 73.92
Adenanthos cuneatus 0.04 0.48 1.04 1.73 1.85 75.77
Lomandra integra 0.36 0.14 0.96 1.15 1.71 77.48
Coltricia mushroom 0.4 0.08 0.9 0.88 1.6 79.08
Leucopogon gracilis 0.38 0.06 0.81 1.05 1.43 80.52
Burchardia umbellata 0 0.32 0.76 1.23 1.35 81.87
Darwinia vestita 0.34 0.22 0.72 0.96 1.27 83.14
Latrobea glabrescens 0.02 0.24 0.58 0.81 1.03 84.17
Hibbertia pulchra 0.08 0.24 0.57 0.94 1.02 85.19
B. nutans 0.02 0.26 0.57 1.76 1.01 86.19
Hibbertia depressa 0.24 0.12 0.56 1.17 1 87.19
Drosera erithrorhiza 0.2 0.06 0.5 0.7 0.88 88.08
Petrophile rigida 0.14 0.1 0.42 0.93 0.74 88.82
B. cocc. 0.06 0.2 0.41 1.03 0.72 89.54
Conostylis serrulata 0.14 0.04 0.4 0.61 0.71 90.25
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P. cinnamomi infested and phosphite sprayed vs Phosphite sprayed and P. cinnamomi-
free sites
Average dissimilarity = 48.28
Treatment
3
Treatment
4
Species Av.Abund Av.Abund Av.Diss Diss/SD
Contrib
%
Cum.
%
Malaleuca thymoides 3.02 0.98 5.21 1.53 10.79 10.79
Pterostylis vittata 0.8 1.14 3.67 0.83 7.6 18.39
Cyathochaeta equitans 2.52 2.5 2.24 1.37 4.64 23.02
Drosera macrantha 0.8 0.68 2.07 1.22 4.29 27.32
Lyginia barbata 1.94 1.82 1.99 1.4 4.11 31.43
Stylidium repens 0.92 0.34 1.88 1.2 3.9 35.32
Hypolaena fastigiata 0.9 0.22 1.75 1.08 3.63 38.96
Xanthosia huegelii 0.56 0.22 1.71 1.12 3.55 42.5
Schoenus curvifolius 1.24 0.96 1.67 1.39 3.45 45.95
Lomandra nigricans 0.82 1.14 1.59 1.48 3.3 49.26
Anarthria scabra 1.64 1.84 1.42 1.44 2.95 52.21
Jacksonia spinosa 0.54 0.02 1.35 1.29 2.8 55.01
Hypocalymma
angustifolium 0.24 0.5 1.33 1.12 2.75 57.75
Leucopogon gracilis 0.48 0.06 1.12 1.61 2.32 60.07
Anarthria prolifera 0.14 0.52 1.07 1.49 2.23 62.3
Sedge 7 0.42 0.62 1.06 1.06 2.19 64.49
Adenanthos cuneatus 0.1 0.48 1.02 1.57 2.11 66.6
Leucopogon obovatus 0.4 0 1.01 1.18 2.09 68.68
Darwinia vestita 0.56 0.22 1.01 0.88 2.09 70.77
Drosera erithrorhiza 0.34 0.06 0.92 0.61 1.9 72.67
Coltricia mushroom 0.4 0.08 0.91 0.7 1.89 74.56
Burchardia umbellata 0.18 0.32 0.77 1.28 1.59 76.14
Galarina Mushrooms 0.28 0 0.69 0.7 1.43 77.58
Agonis theiformis 0.26 0.22 0.66 1.19 1.37 78.94
Lomandra integra 0.18 0.14 0.65 0.85 1.35 80.3
Latrobea glabrescens 0.06 0.24 0.64 0.87 1.33 81.63
Orchid 3 0.24 0 0.6 0.8 1.25 82.88
Conostylis serrulata 0.26 0.04 0.6 1.1 1.23 84.11
Hibbertia pulchra 0.06 0.24 0.58 0.91 1.2 85.32
Dasypogon bremifolius 0.26 0.26 0.56 1.29 1.16 86.48
Mesomelaena gracilipes 0.22 0.1 0.5 1.1 1.04 87.52
B. nutans 0.08 0.26 0.5 1.35 1.03 88.55
B. cocc. 0.02 0.2 0.49 1.08 1.01 89.56
Dampiera pedunculata 0.18 0.04 0.46 0.66 0.95 90.51
